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Abstract
Mechanical cues have been recognized to be critically important in the regulation of cells. A myriad
of cellular processes including differentiation, proliferation, and gene expression are all affected by
physical forces from the extra- and intra-cellular microenvironments. Despite recent advances in
nano-technologies, many questions still surround how cells sense and respond to forces. Through a
series of studies, we demonstrate how both the structure and inherent mechanical properties of the
cell affect their response to mechanical cues. We first develop a methodology to mechanically
manipulate cells while simultaneously characterizing their deformations. Using combined atomic
force and confocal microscopy techniques and through systematic examination we demonstrate the
role of the cytoskeleton and nucleus in the deformability and shape change of epithelial cells.
Mechanical properties have been used in recent years to identify diseased states, including cancer.
With this in mind, we used HeLa cells as a model and characterized significant deformability of their
plasma membrane and underlying cortex. Importantly, we demonstrate and characterize their
ability to recover from large shape changes, which we also observed in other epithelial cells. Shape
recovery is shown to be rapid and reliant upon the actin cytoskeleton and intracellular fluid flow.
Although the nucleus does not contribute significantly to the deformation and recovery of HeLa
cells, the importance of nuclear mechanics cannot be forgone. In vitro studies have shown that
mechanical forces transmitted through the cell’s cytoskeleton critically affect nuclear mechanics and
gene transcription processes. Many others have used simple models and isolated nuclei in an
attempt to characterize nuclear properties. Thus, in a subsequent study, we examine the nucleus
within intact cells. Nuclear shape change, in response to force, is shown to be complex and cannot
be well-characterized by isotropic mechanical properties. Characterization of the mechanics of the
cell, as demonstrated through our findings, is crucial in the field of biological physics. The
aforementioned studies, written as scientific articles, are presented in the body of this thesis
(Chapters 2-5). A review article that focuses on mechanotransduction and relevant examples using
AFM as a tool for its examination acts as an introductory chapter.
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Résumé
Les signaux mécaniques sont reconnus pour jouer un rôle essentiel dans la régulation des cellules.
Une multitude de processus cellulaires, dont la différentiation, la prolifération et l’expression des
gènes, sont affectés par des forces physiques provenant du microenvironnement cellulaire interne
et externe. Malgré les récentes avancées dans le domaine des nanotechnologies, les processus par
lesquels les cellules détectent de telles forces et y répondent soulèvent toujours de nombreuses
questions. A travers plusieurs études, nous démontrons que la structure et les propriétés
mécaniques de la cellule affectent sa réponse aux signaux mécaniques. Nous développons d’abord
une méthodologie pour manipuler les cellules mécaniquement et caractériser simultanément les
déformations résultantes. Par l’utilisation combinée des microscopies à force atomique et confocale
et grâce à des études systématiques, nous démontrons l’influence du cytosquelette et du noyau
cellulaire sur la déformabilité et le changement de forme des cellules épithéliales. Les propriétés
mécaniques des cellules ont été utilisées ces dernières années pour l’identification d’anomalies
cellulaires, notamment le cancer. Dans cette optique et en utilisant des cellules HeLa pour modèle,
nous avons caractérisé un degré important de déformabilité de la membrane plasmique et du
cortex sous-jacent. Surtout, nous démontrons et caractérisons leur habileté à retrouver leur forme
initiale à la suite de déformations importantes, ce qui a également été observé pour d’autres types
de cellules épithéliales. Le retour à la forme initiale est rapide et dépend du cytosquelette d’actine
et de l’échange de fluide intracellulaire. Bien que le noyau cellulaire ne contribue pas
significativement à la déformation et à la capacité des cellules HeLa à rétablir leur forme,
l’importance de la mécanique du noyau ne doit pas être négligée. Des études in vitro ont montré
que les forces mécaniques transmises par le cytosquelette influencent de manière significative la
mécanique du noyau et le processus de transcription de gènes. Néanmoins, pour caractériser les
propriétés des noyaux, de nombreuses études les isolent et utilisent des modèles simplifiés. Par
conséquent, dans une étude supplémentaire, nous examinons le noyau dans des cellules intactes. La
déformation du noyau en réponse à l’application d’une force apparaît comme étant complexe et ne
pouvant être adéquatement caractérisée par des propriétés mécaniques isotropes. Comme nos
résultats le démontrent, la caractérisation de la mécanique cellulaire est fondamentale dans le
domaine de la physique biologique. Les études mentionnées ci-dessus, qui ont été écrits comme
étant des articles scientifiques, sont présentées dans le corps de cette thèse (chapitres 2 à 5).
L’introduction consiste en un article de revue, mettant l’emphase sur la mécanotransduction et
présentant des exemples pertinents basés sur la microscopie à force atomique.
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Author’s note
Knowledge surrounding cellular phenomena is crucial towards our understanding of life, death, and
disease. This thesis, through an exploratory experimental approach, attempts to shed light on the
interplay between cellular mechanics and the influence of the physical environment in directing
cellular responses. The majority of work performed herein employs a human cancerous cell line
which has become notorious for its use in labs 1, and has even gained attention in mainstream
popular culture 2. HeLa cells were the first-ever successfully immortalized human cell culture line,
and as such they have paved the way for many scientific discoveries, notably the development of
the polio vaccine and discovery of human teleromase. Much controversy has surrounded the use of
HeLa cells, as they were first obtained from a cervical biopsy of Henrieta Lacks in 1951, by Dr.
George O. Gey, at John Hopkins Hospital, without patient consent. Recently, the genomic sequence
of HeLa cells has been re-released following an agreement with the family of the late Henrietta
whom have consented to the use of the data for biomedical research on a case by case basis 3. The
widespread use and accessibility of HeLa, and its genome, brings to light many ethical questions.
With this in mind, we can gain an appreciation for this ubiquitous and inspiring cell line, which has
encouraged this work amongst innumerable others.

Figure 0.1 SEM image of a HeLa cell.
A scanning electron microscopy (SEM) image is presented for the purpose of demonstrating the complex
surface structures (cilia) observable on the apical and peripheral regions of the plasma membrane of a HeLa
cell with rounded morphology. Preparation of HeLa cells for SEM imaging was performed according to the
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protocol presented in reference . I would like to thank Daniel Modulevsky for assistance with sample
preparation, and Dr. Yun Liu for assistance with SEM imaging. Scale bar is 5μm.
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A condensed version of this review manuscript was submitted to the Journal of the Royal Society
Interface.
I, Kristina Haase, performed the majority of the work including research and preparation of this review
article and its subsequent revisions.
The presentation of the manuscript has been modified for the purposes of formatting the thesis.

Motivation |
Mechanical forces are ubiquitous in vivo, and are well-known to be crucial for normal cellular
processes and development. However, many open questions involving cellular force transmission
remain, largely due to an incomplete picture of cell rheology. Recent advances in nanotechnologies,
such as atomic force microscopy (AFM), are gradually increasing our understanding of
mechanotransduction through studies of cell mechanics in both the time and frequency domains.
Characterization of mechanics at the sub-cellular, and cellular levels using AFM are vital in
understanding force transmission.

Hypothesis & Objectives |
This review acts as an introductory chapter providing a general overview of mechanotransduction
and known mechanosensors. The main focus is to highlight the importance of AFM in the context of
examining cellular mechanics. We present AFM-based cellular manipulation methods through
recent examples, and discuss common models used to characterize observed cellular phenomena.
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1| Poking and Prodding our Understanding of Cell Mechanics
1.1 Abstract
Transmission of mechanical forces is crucial for normal cell development and functioning. However,
the process of mechanotransduction cannot be studied in isolation from cell mechanics. Thus, in
order to understand how cells “feel” we must first understand how they deform and recover from
physical perturbations. Due to its versatility, atomic force microscopy (AFM) has become a popular
tool to study intrinsic cellular mechanical properties. Used to directly manipulate and examine
whole and subcellular reactions, AFM allows for top-down and reconstitutive approaches to
mechanical characterization. These studies show that the response of cells and its components are
complex, and largely depend on the magnitude and time-scale of loading. In this review, we
generally describe the mechanotransductive process through discussion of well-known
mechanosensors. We then focus on discussion of recent examples where AFM is used to specifically
probe the elastic and inelastic responses observed during cellular deformation studies. We present
a brief overview of classical and current models often used to characterize observed cellular
phenomena in response to force. Both simple mechanistic models and complex non-linear models
have been used to describe the observed cellular behaviours, however a unifying description of cell
mechanics has not yet been resolved.

1.2 Introduction
Cells are exposed to and must respond to a variety of mechanical loads in vivo 5-7. Primary examples
include: shear fluid forces on endothelial cells 8, compressive forces on bone cells 9, and highly
dynamic tensile forces experienced by epithelial cells 10. Cells are able to deform rapidly, leading to
subsequent changes in their biochemistry. They “feel” neighbouring cells, as well as respond to
changes in their underlying extracellular matrix. Cells exposed to substrate stretch, for example,
have been shown to realign in the direction of minimal deformation (perpendicular to the axis of
strain) 11-13, whereas cells exposed to fluid shear stresses align in the direction of flow 14. The
response to mechanical stimuli is complex, and depends on both force magnitude 15 and rate 16.
Strain rate, in particular, has been shown to affect stretch-induced remodelling of F-actin 17-19.
External forces transmitted through the plasma membrane and focal adhesions are conveyed to
internal load-bearing structures of the cytoskeleton 20, influencing nuclear deformations,
transcription processes, and gene expression 21, 22. Whereas, internal forces generated via molecular
motors 23 and actin polymerization 24, 25 are transmitted to the substrate in order to facilitate
migration 26, undergo mitosis 27, and communicate with neighbouring cells 28. This continual process
of sensing, transmission, and response, is known as mechanotransduction, and is essential for
maintenance of normal cell functioning and development (Fig. 1.1).
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Figure 1.1 Mechanotransduction – a process of force sensing, transmission, and response.

Forces, such as tension/compression, and shear flow from the microenvironment are sensed by
membrane surface receptors, such as bending of primary cilia, stretch-activated ion channels, and
G-protein coupled receptors (GPCRs). Meanwhile forces from the ECM are sensed through focal
adhesions (FAs) and transmitted to the inner actin cytoskeleton. Force is also transferred between
adjacent cells through cell-cell junctions. Mechanical cues have been shown to elicit a variety of
cellular responses, from biochemical signalling to directed migration.
Although some of the key mechanosensors, such as stretch-activated ion channels 29, integrins
30
, and primary cilia 31, have been identified, how they configure themselves within the cell and how
they respond to a myriad of mechanical cues has yet to be well characterized 32. In order to
understand the inner workings of mechanotransduction, we must first aim to understand the
complex nature of cell mechanics. Two approaches are generally employed in order to examine
cellular properties: a top-down approach involving cellular manipulation, or a bottom-up approach
including biochemical and single biopolymer studies. Unfortunately, both approaches leave a gap in
knowledge at the mesoscopic scale.
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Renewed interest in the study of cell mechanics has come about with the emergence of passive
and active nano-technologies. Internal and external laser tracking microrheology (LTM) 33-36 and
two-point microrheology (TPM) 37-39 are often employed to passively measure the elastic and shear
moduli of cells and their subcellular constituents. On the other hand, active measurement
techniques including magnetic twisting cytometry (MTC) 40-43, uniaxial rheometry (UAR) 44,
micropipette aspiration (MPA) 16, 45, and optical tweezers 46-48 direct localized or whole-cell
deformations. Atomic force microscopy (AFM) in particular has become a popular tool to probe the
mechanical response of cells 15, 49, 50.
Cells are often treated as linearly viscoelastic materials, as both elastic 51 and time-dependent
viscous 43 responses to mechanical loading have been observed. Active measurement techniques
are often used to measure these cell properties, reports of which vary widely in the literature.
Young’s moduli of epithelial cells have been reported between 1-100kPa, as measured by AFM
alone 52-54. Of course, results are cell-type dependent 55, 56 and reliant upon the experimental and
analysis techniques employed 57, 58. Furthermore, in the process of measurement, active techniques,
such as AFM or optical tweezers, are capable of inadvertently stimulating mechanotransduction
pathways 59, 60. Nevertheless, tools such as AFM are invaluable in the efforts to elucidate the
mechanics behind cellular function and response. A number of models have been proposed in an
attempt to characterize and explain observed cellular behaviours. Although some models fit
experimental data quite well, most do not fully describe all of the observed behaviour, and many
appear contrasting in their predictions 61.
In this review, we aim to provide an overview of our current understanding of
mechanotransduction, in the context of mechanosensing and force generation within cells. First, we
will discuss some of the key players identified in mechanotransductive processes. As well, we will
take a look at how cells respond to mechanical stimuli. We will then provide a concise overview of
some of the classical and more current models used to describe cellular mechanics. A generalized
model of cell mechanics remains elusive, and so characterization of cell mechanics lends important
cues in our understanding of cell behaviours. Direct cell deformation experiments, such as those
performed using AFM, are valuable in order to characterize cell deformation and recovery
responses. Therefore, the main focus of this review involves a discussion of recent articles where
AFM is used to directly probe the response of whole-cells as well as their subcellular components.

1.3 Multiple mechanosensors are at play
Cells must respond to a wide variety of forces in vivo, as mechanical cues are ubiquitous at the
cellular level. Extracellular forces, such as shear fluid forces and substrate stretch, intracellular
forces, from actomyosin based contractility, and intercellular forces between neighbouring cells all
must be simultaneously received and processed by cells. In vitro examination has shown that these
mechanical cues are responsible for directing cell proliferation, behaviour, and pathology 62-64. This
process of force-sensing, transmission, and response is referred to as mechanotransduction (Fig.
1.1). Major contributors in this process include: the extracellular matrix (ECM), adhesion sites (cellcell and cell-ECM), the cytoskeleton, surface membrane molecules, as well as nuclear components.
4

In this section, we briefly discuss some of the main regulators of mechanotransduction – those
involved in sensing, and transmission throughout the cell.
Tensile forces originating at the tissue level are transferred to the ECM, which acts as both a
stress buffer and transmitter. The ECM is a composite substrate composed of an interstitial layer
and basement membrane underlying epithelial cells. Its composition is composed of polysaccharides
and a variety of proteins (i.e. fibronectin, collagen) secreted from fibroblasts, which create a dense
interwoven network of filaments. Not only does the ECM provide structural support, and act as an
external cell-signalling region, but its composition allows for the integration and adhesion of specific
cell types. The mechanical properties of the ECM have long been known to influence cell behaviour
and fate 65. For example, fibroblasts exposed to decreased substrate stiffness result in increased
lamellipodia growth and overall cell motility 66. Moreover, culturing embryonic stem cells on
polydimethylsiloxane (PDMS) substrates of varying stiffnesses demonstrated that differentiation
was stiffness-dependent - stiffer substrates resulted in mainly osteogenic differentiation 67. Sites of
ECM-cell adhesion (focal adhesions) 68-70, as well as cell-cell adhesion (cadherins) 71 are also directly
affected by ECM composition, and are known regions of force sensing and transmission. Moreover,
cadherin-based adhesions have been shown to promote transmission of intercellular forces to the
ECM via the periphery of epithelial cell colonies 72; an example of direct mechanical coupling.
Classically, a mechanosensor was defined as a transmembrane ion channel linked via tethered
networks to both intra- and extra-cellular anchors 73. A primary example of a classical
mechanosensor, stretch-activated ion channels have long been known to transduce mechanical
signals into chemical ones 74-76. Membrane and cytoskeletal tension have been shown to drive the
opening of these channels, thus altering the permeability of cells to specific ions. Although most
voltage- and ligand-gated channels are mechanosensitive, only some are fully activated by
mechanical stresses. Sachs provides a concise review of the mechanism of opening of these
mechano-sensitive channels, and discusses how uncoupling the membrane and cortex using methylβ cyclodextrin (which depletes cholesterol) resulted in increased tension in channels, as determined
by patch-clamping 29. As proposed by the author, these mechano-sensitive channels may act as
sensors in order to indicate where the cytoskeleton, which absorbs and transmits most of the
structural loads within the cell, should be reinforced.
Adhesion sites, as mentioned above, are known regulators of mechanical signal transmission
across the cell. In particular, focal adhesions transfer forces between the ECM and inner cell. Acting
as a hub, focal adhesions direct signalling molecules towards integrins - transmembrane proteins
that link the extra and intra-cellular microenvironments. Many cellular responses have been shown
to be reliant upon integrin signalling alone (reviewed in 77). External mechanical forces applied
locally to the cell, either apically, or through the ECM, have a crucial impact on formation and size of
focal adhesions 78, 79. Interestingly, focal complexes (precursors to mature focal adhesions) are not
reliant upon mechanical tension in order to assemble 73. Moreover, the formation of mature focal
adhesions is highly transient with disassembly occurring upon loss of mechanical stimuli, as
demonstrated by a loss of actomyosin mediated contractility 80, 81. In vitro studies have shown that
mechanical activation of both integrin signalling and focal adhesion assembly results from substrate
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stretching 82-84, and induced fluid shear stresses 85, 86. These examples clearly demonstrate that
mechanical forces are sensed and transmitted by several cellular components simultaneously.
The cytoskeleton spans the entirety of eukaryotic cells, providing structural support and
integral tension, therefore its key role in mechanotransduction processes is unsurprising. Composed
of actin, intermediate filaments, as well as microtubules, the cytoskeleton provides a dense
meshwork of polymers wherein intracellular transport occurs and local forces have been shown to
be widely distributed 87. The actin network, in particular, has long been known to respond to
external forces through deformation and rearrangement 15, 88-93. Actin is the most profuse protein
within the cell. By binding with adenosine triphosphate (ATP), globular actin (G-actin) polymerizes
to form filamentous actin (F-actin). F-actin and microtubules, unlike intermediate filaments, are
highly polarized, and deformation of these filaments occurs through a dynamic process of assembly
and disassembly – a process that influences mechanical loading. Combined mechano-chemical
models of actin filaments demonstrate an interaction between filament deformations and ATP
hydrolysis 94. It is only reasonable that applied force should also cause changes in the chemical
make-up of the filament 95. Mechanical cues directly affect actin formation and alignment. For
example, endothelial cells exposed to fluid shear stresses, result in a significant change in the shape
of the cells through remodelling of adherens junctions and the actin cytoskeleton 96. The
phenomenon of F-actin re-alignment in the direction of shear flow is dependent on tyrosine kinase
activity (an enzyme that phosphorylates ATP), intracellular calcium (Ca2+), and intact microtubules
14
.
The cytoskeleton is also coupled with the plasma membrane via the actin cortex (reviewed in
). Proteins such as ezrin, radixin, and moesin (ERM) form links between the cortex and membrane,
thus providing a direct interface for mechanical force transduction between the extracellular and
intracellular environments. Phosphorylation of moesin, for instance, crosslinks actin filaments to
membrane proteins, and is important for the initiation of cell stiffening and rounding during early
stages of mitosis 98. This interplay between the plasma membrane and underlying actin cortex has
been shown to influence both cell shape 99 and function 100, 101. Of course, intermediate filaments
(reviewed in 102), as well as compression-resistant microtubules also play a role in maintaining cell
shape 103, in addition to sensing and trafficking signals to the nucleus 104.
97

The individual role of the plasma membrane in mechanotransduction has gained recent
attention. Acting as a dynamic barrier between the external and internal environments of the cell,
the plasma membrane mediates transport across lipid bilayers via passive diffusion for selective
ions, active transport across ion channels, as well as endocytosis and exocytosis. The plasma
membrane is host to a number of ligand-receptor binding sites and is coated by a number of
proteins that encompass the glycocalyx – which itself has been recognized as a mechanosensor
(reviewed in 105, 106). The plasma membrane of endothelial cells are coated in a number of
proteoglycans and glycosaminoglycans (GAGs) which have been shown to play a role in white blood
cell rolling 107, red cell motion, and transendothelial transport (a review on shear flow and GAG force
transduction is provided in 108). Shear stresses arising from fluid flow may affect the structure of
molecular components of the glycocalyx, or may alter the activation of enzymes. For example,
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nitrous oxide (NO) production, which is activated in response to shear stress, is a homeostatic
regulator of endothelial cells and the cardiovascular system 109. By depleting specific components of
the glycocalyx of bovine aortic endothelial cells, NO production is diminished by loss of heparan
sulphate 110, hyaluronan, and glycosaminoglycans (all main components of the glycocalyx, excluding
chondroitin sulphate) 111. In a seminal paper by Weinbaum et al. 112, the dynamics of GAGs due to
shear flow effects are described as a quasi-periodic fibre matrix model 113. Squire et al. observed
fibres on the order of 10-12nm that were spaced ~20nm apart in a mesh-like network throughout
the glycocalyx, suggesting that its organization, which presented clustering effects, were driven by
connections with the underlying cortex 113. The model proposed by Weinbaum and colleagues
suggests that bending rigidity (EI = 700 pn·nm2) of this brush-like structure is adequate for providing
a molecular filter for plasma membrane molecules, as well as for transducing shear forces to the
underlying cytoskeleton 112.
Besides the glycocalyx, other membrane microdomains such as caveolae and lipid rafts, and
membrane bound organelles such as the primary cilia, have been shown to play a role in
mechanotransduction. Caveolae and lipid rafts are known to be involved in vesicular transport and
cell signalling 114-116. In particular, they have been shown to play an important role in Ca2+ signalling
117, 118
, due to their coordination of many key proteins in a single microdomain, as reviewed and
listed in 119. Under normal circumstances, exposing cells to fluid pressure and shear forces results in
subsequent activation of tyrosine kinase, extracellular signal-regulated kinase, and c-Fos
(transcription factor) 120. Through inhibition of membrane-bound cholesterol using filipin and
methyl-β cyclodextrin, Ferraro et al. showed that none of the aforementioned mechanotransductive
processes were initiated – validating that cholesterol-rich membrane microdomains were
responsible for their activation 120. Another membrane-bound non-motile organelle involved in
mechanosensing is the primary cilia (an overview can be found in 121). Primary cilia exist on most
mammalian cells. They are composed of a microtubule-based axoneme and basal body, and rely on
intraflagellar transport of protein complexes by molecular motors such as kinesin-2 and dynein.
Deflection of these membrane protrusions triggers biochemical signals, the malfunction of which
are associated with numerous disorders, known as ciliopathies 122. Bending of cilia results in a buildup of stress, which causes an increase in intracellular calcium in epithelial cells 123. In bone cells,
primary cilia have also been shown to translate shear fluid forces into cellular responses,
independent of Ca2+ flux. These include an increase in gene expression, such as up-regulation of the
bone-matrix protein osteopontin, and an increase in cytokine release, such as the release of
prostaglandin E2 (a metabolism regulator) in response to mechanical loading 31.
In discussing mechanotransduction, the importance of the nucleus cannot be overlooked.
Acting as gene host and regulator, the nucleus is the largest organelle within the cell, and as such it
must respond to mechanical forces that arise from both the extra- and intracellular
microenvironments. In order for direct mechanotransduction to occur the cytoskeleton must
directly interact with the nucleus 124. Transmission of forces to and from the nucleus occurs via the
Linker of Nucleoskeleton and Cytoskeleton (LINC) complex – a physical tie between SUN and nesprin
proteins 125. This mesh of transmembrane proteins connects the nuclear envelope (inner and outer
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nuclear membranes and the nuclear lamina) with the actin cytoskeleton. Inner and outer nuclear
membranes are coupled by nuclear pore complexes, wherein ion transport occurs. The nuclear
lamina resides on the inner membrane and is mainly composed of lamin and associated proteins
which connect the membranes to the inner chromatins amongst other nuclear components 126.
Despite the existence of these structural proteins within the inner nucleus, whether a force-bearing
matrix exists within the nucleus remains controversial amongst researchers 127, 128. Mutations in
nuclear envelope proteins, particularly lamins, have been shown to result in altered transcription
leading to a number of disease pathologies, also known as laminopathies. For example, mutations of
the LMNA (lamin A/C) encoding gene results in the development of muscular dystrophy.
Malfunctioning of lamins A and C also result in abnormal nuclear and chromatin structures, with loss
of A-type lamins leading to reduced nuclear stiffness 129, 130. Thus, if lamins provide structural
support to the nucleus, then it is not surprising that mechanically high stressed tissues will result in
cell death and ultimate failure. Interestingly, nuclear shape is highly correlated to expression of
lamins. For example, human embryonic stem cells, which do not express lamin A and possess
dynamic chromatin, have a very round nucleus. Only upon differentiation do these cells express
noticeable levels of lamin A 131, 132. Moreover, specialized cells such as neutrophils have irregularly
shaped nuclei – lobes connected by chromatin, which are the result of reduced lamin A/C and overexpression of lamin B proteins. A thorough review on nuclear mechanics and its role in
mechanotransduction can be found in 126.
Although we only have discussed the most well-known mechanotransduction constituents,
many others have been documented. Despite their identification, many open questions surround
exactly how mechanosensors actually sense mechanical stimuli. It is possible that applied force
alters the position of molecules allowing for incorporation of other extracellular molecules. Or
perhaps protein configuration is altered; proteins associated with focal adhesions such as vinculin,
ERM, and fibronectin, for example, all exist in dual states of inactivity or activity 73. Altered
conformations may expose new binding sites where molecular interactions can occur. Of course,
mechanical stimuli such as substrate stretch and fluid shear stresses may activate more than one
response from more than one mechanosensor – and so sensors such as focal adhesions or ion
channels likely act in unison.

1.4 Forces generated within the cell
Although extracellular forces have long been known to affect cell behaviour, recent studies also
implicate intracellular forces in the regulation of cell and tissue fate 63, 95, 133. Often, forces generated
within the cell are responsible for the dynamics involved in morphological changes, adhesion
processes, and motility. One mechanism of intracellular force generation is through ATP-driven
sliding of molecular motors (Fig. 1.2 A). Hydrolysis of ATP, the unit energy of the cell, is required for
movement of the cell’s molecular motors, such as myosin II. This energy release allows molecular
motors to slide along actin filaments, allowing for the cell to contract and expand. Contractile forces
are transmitted from the actin cytoskeleton to the ECM via focal adhesions - mechanosensors of
force from both the inner and external cellular microenvironments 79. The magnitude of contractility
is coupled with ECM stiffness, as demonstrated through observations using traction force
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microscopy. Increased substrate stiffness results in increased focal adhesion assembly that drives
increased actomyosin contractility. Increased actomyosin contractility also leads to increased focal
adhesion signalling. This force-balancing act drives shape change and cell proliferation through
adaptive cell adhesion. Molecular motors and their expenditure of ATP is not the only forcegenerating mechanism in the cell’s repertoire; actin filament polymerization also directs forces
along the cell membrane.

Figure 1.2 Force generation within the cell.
134
A) Actomyosin contractility, as proposed by Huxley and Simmons , generates forces transmitted through
focal adhesions towards integrins and the ECM. i. In the presence of intracellular calcium (Ca2+) myosin heads
hydrolyze ATP before firmly attaching to actin filaments. ii. Myosin binds to actin and forms cross-bridges. iii.
Force is generated by “power stroke” as myosin cross-bridges reorient towards sarcomere center. iv. ATP
binds to myosin head and it releases from actin bundle. B) Propulsive forces. Actin in the lamellipodia pushes
against the plasma membrane in the direction of motion through actin branching and binding of Arp2/3.
Capping proteins limit the length of polymerization. Forces are not required for the formation of focal
complexes (FC) but do develop across mature focal adhesions in the lamella. Bottom right shows an
immunofluorescent image of a C2C12 mouse myoblast cell stained for actin (green), an FA protein - vinculin
(red), and DNA (blue). Scale bar is 10μm.
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Actin polymerization is a polarized process involving continual acquisition and deposition of
free monomeric polymers (G-actin). This active assembly/disassembly process generates a dynamic
linear polymeric chain (F-actin), in a process known as treadmilling (Fig. 1.2 B). Formation of
protrusions and their subsequent attachment to the underlying ECM are the driving factors involved
in cellular motility. In motile cells, forces on the order of ~45pN are generated by branching of
dendritic actin networks close to the cell’s periphery 135. These forces result in protrusions at the
leading edge, which must be stiff enough to withstand significant compression and tension of the
plasma membrane 136, 137. This highly anisotropic network of actin fibres is formed by a repetitive
sequence wherein surface-membrane proteins are activated, triggering the Arp2/3 complex which is
involved in recruitment of G-actin monomers to mother F-actin filaments, thereby creating
branches of daughter filaments 138. The flow of actin towards the periphery is directed by the short
effective radius of membrane-bound activating proteins. Capping proteins that diffuse throughout
the cytoplasm are the limiting factor in actin filament elongation. Microtubules also contribute to
the polarization process, and have been shown to direct migration by activating Rac1 leading to
subsequent actin polymerization in lamellipodia 139, 140. This repetitive process of initiation,
branching, and elongation, which depends on this highly anisotropic network, is what drives the cell
forward.
While providing integral support and stability to the cell, actin undergoes continual remodelling
of key cellular features, such as lamellipodia, filopodia, and stress fibres. Actin dynamics have long
been investigated in a variety of species and cell types 141. A seminal paper by Theriot demonstrated
that actin turnover in goldfish epithelial keratocytes is on the order of ~23s 142. Measurements were
made in the lamellipodia of these highly motile cells, and so it is unsurprising that actin turnover
was found to be less rapid in a subsequent studying involving slower moving fibroblasts 143.
Differences in actin polymerization rates amongst cells have been hypothesized to be the result of
diverse localization of ADF/cofilin, which is known to induce phosphate release 144. The rate at which
individual actin filaments elongate is on the order of ~0.3 microns per second. Actin-binding
proteins such as formin and profilin have been shown to have significant effects on the rate of actin
polymerization and rearrangement 145. Although actin turnover is rapid in motile cells, actin
filaments have been observed to remain stable between hours to days in striated muscle 137. In
these cases, ADF/cofilin binding is inhibited by tropomyosin. Similarly, stable stress fibres have been
observed in non-muscle cells 146, 147. A detailed review of actin dynamics in non-muscle cells can be
found in 144. While a variety of actin-binding proteins influence the polymerization rate and
dissociation of actin filaments, mechanical forces have also been shown to influence both actin
organization and mechanical properties.
The integration of mechanical forces and cellular mechanics dictates cellular shape and
function. The interactions between actin and microtubules, for example, play a role in dictating
locomotion, cell division, wound healing, and cortical flow 148. During migration, the retrograde flow
of actin at the leading edge has been directly linked to microtubule translocation to the rear of the
cell. The integration of these two cytoskeletal networks has been hypothesised to direct movement
through their physical links and activation of a Rho GTPase gradient 149. Microtubule growth at the
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leading edge is countered by de-polymerization at the rear of the lamellum, a region where actin
converges and causes compressive disruption of microtubules. This polarized
polymerization/growth interaction between actin and microtubules has been hypothesized to
stimulate Rac/RhoA activation 140, 149, 150, direct signalling or membrane molecules during
lamellipodia protrusions 151, or regulate focal contact interactions with the substrate 152, 153, in order
to generate motility.
As discussed, cells experience a multitude of external forces that are transmitted between the
outer and inner microenvironments via the cytoskeleton to inner cellular organelles, such as the
nucleus. Moreover, cells themselves also generate force, through actomyosin contractility, and actin
branching. Although many components involved in mechano-sensing have been identified, many
questions still remain surrounding their exact mechanisms and function. For this reason, a variety of
experimental tools, including AFM, have been used to probe the cellular response to force. Some of
the commonly observed responses are discussed in the next section.

1.5 Nanomechanics using AFM
Nanomechanics has become a high traffic research area, wherein active (MTC, AFM, UAR, and MPA)
and passive (LTM, and TPM) techniques have been used in attempt to characterize the cellular
response to mechanical cues. Bulk rheological properties, typically Young’s (elastic) (E), or shear (G)
modulus are measured as they largely dictate the cellular response observed. Tools such as AFM,
which can be used to directly apply and simultaneously measure cellular forces, are key tools in this
emergent field. The advantage of AFM is that it is a multifunctional tool that can be used for
imaging as well as force transmission and measurement. By altering tip geometry or chemistry a
multitude of both local and whole-cell studies can be performed on living cells in their native
environments (Fig. 1.3). Studies of this nature have been shown to induce a rapid response of cells
through shape change, remodelling of the cytoskeleton, and calcium signalling, which all depend on
frequency, duration, magnitude, and location of applied force 15, 50, 154, 155. In the following sections,
we first discuss the role of AFM as a tool to measure the mechanical properties of cells, particularly
cell stiffness and viscous properties. As well, we highlight commonly observed cell behaviours in
response to mechanical loading, including changes in cell geometry and internal organization.
Finally, we outline some of the current techniques involving both localized and global stimulation of
cell mechanics using modified cantilevers.

1.5.1 Apparent cell stiffness
The deformability of cells has been shown to affect a number of cell functions 156, 157, with increased
cell stiffness correlating with differentiation 67, aging and diseased states 52, 158. Commonly, AFM is
used to measure the local elastic response of cell membranes and the underlying cytoskeleton by
fitting force-indentation curves to contact models such as Hertz 159 and Sneddon 160. Details on these
methods 161 as well as Young’s moduli of a variety of cell types are listed in 56. Apparent stiffness of
mammalian cells, as measured with AFM, typically range between 1 - 100’s of kPa 15, 162, 163.
Apparent cell stiffness is highly correlated with the stiffness of the actin cytoskeleton, the structure
and mechanics of which have all be shown to be directly influenced by mechanical forces including
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Figure 1.3 AFM modes of measurement.
A) AFM can be used to precisely apply compressive strains apically to cells within their aqueous environment.
A laser deflected on the back of an AFM cantilever is measured by a photo sensitive detector (PSD). This
allows for measurements of cantilever deflection to be recorded. B) AFM force-indentation curves are often
used to measure cellular elasticity, by fitting the approach curve (yellow) to the Hertz model of contact
mechanics. The retract curve (purple) often shows a hysteresis, and can be used to analyze adhesion. C) Stress
and strain relaxation curves are often used to measure time-dependent cellular behaviours. Following an
applied strain on a cell, the cantilever can be kept at a constant height, and measurements of cellular force
onto the cantilever can be measured. On the other hand, following strain, the height of the cantilever as the
cell relaxes can be measured. Modified cantilevers are also useful for measuring binding/unbinding forces
between ligands and receptors. D) Functionalized AFM tips are often employed for single molecule interaction
experiments. E) Spherical tips or other physical modifications to AFM cantilevers can also be used to measure
distributed forces. This can be combined with functionalization techniques, as shown.
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tension/compression 164, 165 hydrostatic and osmotic forces 53, 166. Studies have directly
demonstrated drastic reductions in stiffness with the use of actin depolymerizers, but not with
depolymerizers of microtubules 50, 167, 168. Interestingly, the elastic moduli of purified filament
networks are orders of magnitude lower than whole-cell measurements, with reports of E ≈ 1Pa.
While marginal increases in stiffness have been reported when cross-linkers are employed (1100Pa), there still remains a significant difference between the apparent stiffness of reconstituted
networks and that of whole-cells. Unsurprisingly, cells exposed to constant cyclic mechanical load
(cardiac and muscle cells) have been shown to be stiffer than endothelial cells 55. Mechanical cues
largely regulate actin organization and growth leading to different stiffnesses between cell types 169.
It has become increasingly common to characterize and identify diseased and healthy cells
using stiffness measurements 158, 170-172. Combined AFM imaging and local force-indentation
measurements have demonstrated significant differences between healthy and diseased
erythrocytes 158. Erythrocytes from patients with type 2 diabetes demonstrated significant
aggregation of surface proteins, increased tip-cell adhesion, as well as increased stiffness in
comparison to healthy cells 158. Cell stiffness has also recently been proposed as a candidate for
cancer cell detection, as cancerous cells are considerably softer (upwards of 70%) in comparison to
healthy cells 170, 171, 173, 174. Softness associated with cancerous cells has been linked to the
deformability of the cytoskeleton which has long been known to play a role in metastasis 175. Lekka
et al. have shown that this type of characterization can also be used directly with cells from tumours
and surrounding tissue samples taken from patients 170. In comparison to normal cells, cancerous
cells have been shown to have a dense elongated cellular brush, consisting of the glycocalyx and
pericellular layer 173. This brush may interfere with fitting of force curves using typical pyramidal
AFM tips. Stringent statistical tests must be carried out in order for AFM analysis to be used as an
effective cancer diagnostic method 170, as both substrate effects 162 and incorrect fitting of forceindentation curves can lead to deleterious reports of absolute Young’s moduli.
Varied reports of cellular elasticities in the literature are in part due to the highly non-uniform
cell surface. AFM generated force-maps have revealed local variations in cell height and stiffness
(usually several kPa) due to the presence of internal components, such as actin bundles 163, 167 and
the nucleus 155. Moreover, stiffness measurements depend not only on cell type, but probe
geometry, rate of force application, and force magnitude 56, 176. Typical high aspect ratio conical AFM
tips have radii < 30nm, and generate high local stresses which might penetrate the membrane
during large magnitude force application 177. Thus, to avoid damage and operate within the elastic
deformation regime, Young’s modulus measurements are generally made using low forces, in the
range of 0.1 to several nN. Nawaz et al. have recently shown that only at extremely low forces (< 30
pN) and low deformations (0.2μm) do fibroblast cells present ideal linear elastic behaviour 176. They
used an optical trap method to apply these low forces, as the AFM is limited by thermal noise at
forces nearing 20pN in liquid. At higher forces (> 30pN) delivered by an AFM, viscoelastic behaviour
was observed, as indicated by hysteresis between the force approach-retract curves. Importantly,
their work demonstrated that at very small deformations the elastic response was rate
independent, and reliant upon the cortex. Considering the limited thickness of the plasma
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membrane (~10nm), it is unsurprising that the underlying cortex (~200nm) will largely resist the
deformation 178.
Apparent stiffness, which is generally measured using AFM, is based on the assumption that
the cell behaves as an isotropic purely elastic material. Dynamic AFM experiments, on the other
hand, suggest that stiffness (k) increases with increasing frequency (f), and can be described by a
) at higher deformations. Although power laws have often been used
weak power law ( ( )
to describe frequency-dependent rheology, there remains variability in reports of exponents (α).
Elasticity measurements of this nature are generally only comparable if all experimental conditions
are kept constant. In order to circumvent these concerns, stiffness measurements are often used in
a relative manner rather than as absolute values 167. The heterogeneous nature of the cell, as well as
influence from the underlying substrate makes obtaining the cell’s intrinsic apparent stiffness
difficult to quantify. Applying shallow indentations 55 and using modified contact mechanics models
162, 179
can however alleviate these issues.

1.5.2 Stress-strain relationships
Although a cell’s apparent elasticity directly influences its deformability it does not fully account for
the complex behaviours observed following mechanical perturbation. Cells respond to abrupt
external perturbations in a highly non-linear, time-dependent manner 180. Many AFM studies have
revealed the viscoelastic nature of cells, as witnessed by creeping deformation and relaxation
behaviour following loading 16, 56, 155, 174, 181, 182. The actin cytoskeleton alone has been shown to
exhibit viscoelastic behaviours 39. Cellular viscoelasticity is influenced by a hierarchical structure the membrane, cortex, and cytoplasm (amongst other subcellular components) all contribute to the
cell’s mechanical properties. The cortex and actomyosin in particular play key roles in maintaining
cell shape and function 168, 183, 184. Organization of actin significantly impacts the cellular response to
force, as seen during recruitment to the cortex which provides resistance to external forces. Tension
in the plasma membrane also resists deformations, and has been shown to possess a relatively high
elastic modulus 185 and a low shear modulus 186. Membrane tension is relieved by increasing
intermolecular separation and relieving undulations in order to increase its surface area during
deformations 187, 188. The mechanics of the membrane and cortex are also physically linked, and so
the properties of both inherently influence one another. Recently the contributions of cytosolic flow
have also been shown to influence the response to deformation 181. Moreover, the nucleus, as the
largest cellular organelle, clearly plays a large part in defining overall cell properties. Until recently,
nuclear mechanics have been characterized as isotropic materials 189, 190, however recent evidence
has shown that they possess much more complex behaviours 191-193. Clearly, the complex shape and
structure of the cell’s inner components play a role in defining cell mechanics. With these
considerations in mind, many researchers have used the AFM as a cell nano-indenter to quantify cell
viscoelastic properties in the time and frequency domains 49, 56, 194-197.
A large number of studies have employed both pyramidal and spherical tips to directly deform
cells (Fig. 1.4 A) which have been shown to withstand relatively large forces (within 10-20nN) in
vitro 198, 199. These deformations of the membrane and underlying cytoskeleton result in viscoelastic
behaviours. Cellular creep and relaxation experiments, measured using AFM, have been used to
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determine apparent viscosity and relaxation behaviours that are generally associated with simple
models and a discreet number of time constants 16, 56, 155, 174, 181, 182, 200. Time constants are generally
associated with an elastic deformation regime, and exponentially increasing viscous creep (Fig. 1.3
C). During constant stress experiments, creep, can be measured as a ratio of time dependent
( )⁄ . On the other hand, by maintaining a constant cantilever
strain over stress: ( )
displacement (while straining the cell), the force-feedback on the cantilever can be measured as a
function of time. This type of experiment results in stress relaxation curves, from which apparent
cell viscosity can be measured by fits to a time-dependent modification of the Hertz model 168. Using
this method, the relaxation behaviour of the cell is treated as a standard linear solid model (a
Maxwell model in parallel with a spring). Stress-relaxation experiments have shown that the actin
cytoskeleton, and not microtubules, primarily influence the cell’s apparent viscosity in mouse
ovarian surface epithelial cells 168.
Cellular rheology is best described by the mechanics observed across a wide range of
frequencies, as well as force magnitudes. For this reason, many have used the AFM in a dynamic
mode, which allows for determination of the complex elastic or shear moduli of cells 201. For
example, by operating in a high frequency (50-300Hz), low amplitude (2-5nm) oscillatory manner,
the frequency-dependent viscoelastic behaviour of NIH 3T3 fibroblasts was examined 179. Mahaffy
et al. determined the elastic storage and loss moduli of living fibroblast cells by measuring the
amplitude and phase shifts, and extending the Hertz model to include frequency-dependent
behaviour 179. Both elastic and adhesive properties of the cell can be examined in this oscillatory
mode, however it is necessary to include appropriate models to incorporate the deformation of soft
samples of finite thickness. By taking into account tip-cell contact geometry, as well as viscous drag
effects of the aqueous sample, researchers have used this dynamic mode to measure the complex
( ) of cells at a range of frequencies and load magnitudes 202. Generally, the
shear modulus
observation that prevails is power law behaviour. At low frequencies (< 10Hz) both the storage
( ) and loss moduli
( ) follow the same behaviour, however at higher frequencies the
power law exponent of the loss modulus is progressively increased. Power-law behaviours suggests
that cells may not be described by distinct time constants after all 43, 44, 48, 203. While experimental
observations do appear to follow power-law behaviour; measurements are often only performed
over millisecond- to second-long timescales. Limitations of both methods must be taken into
consideration, including possible interactions within the cell which may lead to remodelling events
and unknown binding geometries 204. Moreover, the cell is not an inert material, the cytoskeleton
undergoes constant remodelling within timescales relevant to these experiments, and so it is
difficult to obtain a complete picture of overall cell mechanical properties.

1.5.3 Cellular response to force
In addition to characterizing strains, AFM deformation studies have elicited a plethora of cellular
responses in vitro (Fig. 1.4 B depicts several of these responses). Cell signalling, in particular, has
been demonstrated in response to forces applied using an AFM. One example demonstrated that
vertically applied strains results in a transient increases in intracellular calcium in osteoblast cells – a
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Figure 1.4 Cellular response to mechanical cues.
A) Confocal projection image of a live HeLa cell deformed by a pyramidal AFM tip. Shown is the deformation in
the orthogonal XZ direction. HeLa cells shown were transfected with EGFP – Phospholipase-C(a
membrane marker in green), and in LifeAct Ruby (an actin RFP shown in red); nuclei were dyed with Hoescht
(blue). Scale bars are 10μm. B) Both the mechanical properties of the ECM and externally applied forces, such
as those from an AFM tip, have been shown to increase cell spreading, traction force magnitude, and
proliferation. Tension between the ECM and cytoskeleton (CSK) activate focal adhesion kinase (FAK), which
has been shown to directly activate the Rho family of GTPases. Through different pathways, ROCK has been
shown to lead to both polymerization and depolymerisation of actin stress fibres. Mechanical forces have also
been shown to stimulate both a stress-stiffening and softening response of actin networks. One hypothetical
205
model explaining this paradox is shown, as in . With increasing stress actin filaments elongate due to
tension (stiffening), until a critical stress (σc) is reached, following which filaments begin to buckle (apparent
softening).
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response observed to be transmitted to neighbouring cells 50. Importantly, compressive forces
applied to cell nuclei have also been shown to result in altered gene expression 22, 126. The cell
actively senses and responds to changes in the surrounding environment through an interplay of
actomyosin dynamics and focal adhesion remodelling. Thus, it is not surprising that mechanical
tension directs the formation and remodelling of focal adhesions in vitro. Cells are particularly
sensitive to changes in stiffness and actively tune the magnitude of traction forces they generate
upon their substrate, as regulated by Rho, Rac, and CDC 42 GTPases 206. Recently, AFM stiffness
measurements of wild type and mutant mouse embryo fibroblasts demonstrated that focal
adhesion kinase (FAK) and Cas stimulate Rac activity, promoting intracellular stiffness and a
mechanosensitive feedback loop in response to ECM stiffness 207. Compressive forces may also
stimulate this feedback mechanism. Combined AFM and traction force microscopy demonstrated
that external forces and substrate stiffness both direct focal adhesion size and strength 208.
Mechanisms of actin-based force generation and growth have also been investigated using
nano-indenters 205, 209, 210. By functionalizing an AFM cantilever with ActA (Listeria nucleation
promotion factor), and immersing it within a liquid cytoplasmic cell extract, the Arp2/3 complex can
be activated, resulting in the growth of a network of actin 209. Force feedback measurements on the
cantilever revealed three growth regimes: a development phase, a load-independent phase, and
load-dependent cessation of network lengthening. Surprisingly, a decreased load applied to the
network resulted in an increased growth velocity demonstrating a load-history dependent response
209
. In vitro studies have also shown that apically applied compressive forces result in highly localized
non-isotropic deformations of stress fibres 15. Myoblasts and alveolar epithelial cells are
constantly exposed to quick bursts of stretch in vivo; however in vitro experimentation has shown a
complex mechanical response to cyclic forces. The cellular response to stretch and compression
results in a paradox: as both cytoskeletal reinforcement and fluidization have been reported 92, 211.
The same is true for reconstituted dendritic actin networks formed by a nucleating surface (an AFM
cantilever). In response to a sinusoidal load, stress stiffening was observed, followed by reversible
softening 205. This behaviour has been attributed to entropic elasticity as filaments are extended,
leading to a stress-stiffening regime, and reversible buckling of actin filaments at higher loads 205
(Fig. 1.4). The large elastic modulus of these anisotropically organized filaments is primed for
resistance to compression – as is necessary at the leading edge of motile cells. This stress-stiffening
behaviour has been observed during relatively small (< 10nN) cyclic forces applied at a constant
height from an AFM to attached cells 212. Initial increases in local tension were followed by a
subsequent decrease (explained by stress-relaxation of the cortical cytoskeleton), and long-term
slow increase in tension as the cycles persist (likely diffusion-limited, as in the recruitment of myosin
II). Considering that tension recovery-associated factors (such as myosin II here) are recruited during
each tension-compression cycle, it is not surprising that the tension recovery slows with each cycle,
as binding sites are filled, and there may be less of the motor proteins in the vicinity. By inhibiting
actin polymerization and myosin II contractility with the use of Cytochalasin D, and Blebbistatin,
respectively, the authors verified that the acto-myosin network is responsible for the observed
tension recovery following cyclical loading 212. This study importantly shows that cells have
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“memory” – they initially stiffen with regard to an external force, but then become increasingly
insensitive to repeated perturbations, thus responding in an adaptive, and likely protective, manner.

1.5.4 Modified cantilevers
Biochemically modified cantilevers are often used in order to probe adhesion of whole cells,
localized regions, and specific molecules (reviewed in 213). Coatings, such as poly-L-lysine, have been
used to strengthen the bond between the tip and cell allowing for membrane tethering and
retraction curve analysis 214. By microinjecting biotinylated cadherin-expressing cells onto an AFM
tip coated with streptavidin, single cells can be used to form adhesions with other cells in culture 215.
Using this method, researchers have shown that the specificity of E- and N-cadherins are distinct
(preferring homophilic bonds), alongside producing different adhesive and compliant bonding
forces. Similarly, ligand binding to AFM tips allows for examination of specific cellular molecules and
their interactions 216. Recently, biotin/streptavidin functionalization has shown that tension
regulates actin depolymerisation 217. This technique has also been used in conjunction with forcemapping methods in order to spatially locate receptors of specific antibodies bound to the tip. For
example, a specific tyrosine kinase antibody (anti-Flk-1) was used to demonstrate that clusters of
vascular endothelial growth factor (VEGF) receptors exist. VEGF is known to play a role in altering
permeability to extracellular macromolecules in endothelial cells, which aid in their growth. These
clusters were shown to drastically alter the mechanical properties of the cell 218. The reduced elastic
modulus observed in regions of VEGF clusters, is thought to be caused by their reorganization of
underlying cytoskeletal filaments in the promotion of cell growth. This is a good example
demonstrating the influence of local composition and structure on cellular mechanics.
Besides biochemical functionalization, modifications to tip geometry have also resulted in
numerous interesting applications. For example, ion beams have been used to etch the cantilever’s
tip into a thin needle-like rod (200-300nm in diameter) which researchers have used to perform
cellular nano-surgery. 219. Sharp tips have been shown to penetrate both the outer plasma
membrane and inner nuclear membrane, as demonstrated by recorded spikes in force-indentation
curves. This technique has allowed for delivery of proteins and chemicals to the inner cell nuclei 219,
enabling single cell transfections 177. Rather than decrease the size of the tip, others have attached
spherical beads of a relatively large diameter (> 20μm) to AFM cantilevers. This approach allows for
a more even distribution of compressive forces to be exerted upon cells, and is often applied to
adherent cells to gain a better approximation of whole-cell rheological properties. Often tip
modifications are used in unison with optical microscopy techniques. For example, Stewart et al.
tracked the force feedback on a spherical tipped AFM cantilever and simultaneously tracked the
cross-sectional area of a cell undergoing mitosis 220. Cell pressure was shown to increase
dramatically (3-fold in 10min) alongside a small volume change, suggesting that osmotic pressures
and the actin cortex largely contribute to morphological changes in the cell 220. Tipless cantilevers
have also been employed as parallel plate compression devices by adding a wedge to the end of the
cantilever to correct for the mounting angle (usually 10-12°) 221.
Combining AFM with traditional microscopy methods has become quite conventional, as it
provides a means for simultaneous application of external forces, quantitative measurements, and
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direct visualization of the perturbed cells. A major limitation of these combined methods is that
compressive forces on the apical surface of the cell create deformations in the orthogonal planes.
To visualize deformations in the axis of loading Chaudhuri et al. developed a method using a
coverslip and second CCD camera used in the lateral plane 222. Using this method they were able to
examine adhesive forces between leukocytes and endothelial cells. An AFM tip coated with
concavalin-A was contacted with a leukocyte forming a strong bond, after which the sample surface
was moved steadily away from the cantilever causing a tension on the tip-attached leukocyte and
underlying endothelial cell. Large adhesive rupture forces, attributed to delamination of the cortex
and membrane, were recorded as the cells were separated followed by small non-zero rupture
forces as membrane tethers (visualized by their side-view method) that had formed between the
two cells came apart. AFM has also been combined with other known optical techniques, such as
total internal reflection microscopy (TIRF). TIRF allows for observation of the dynamics in the basal
membrane of cells, all while undergoing compression from an AFM cantilever. Using this technique,
Jonas and Duschl demonstrated non-linear stress stiffening behaviour of the cytoskeleton in the
basal membrane of L929 fibroblast cells following compression 223. Importantly, images obtained
using TIRF showed that actin is responsible for force transmission throughout the cell. Existing
contact regions between the cell and underlying substrate increase in size, and some new regions
are formed following compression. Although we do not discuss AFM imaging in this review, this
technique has many important applications in cell mechanics. For example, it has been used to
identify various membrane proteins, and intracellular microfilaments 224, 225; a good review can be
found in 226.
Future studies must also consider mechanics at the mesoscale, as embryonic development,
morphogenesis, and tumour progression, for example, are highly dependent on cellular
organization. Techniques such as modified traction force microscopy 227 and stretching devices 228,
229
have recently been used to examine coordinated cell migration and stretch, respectively.
Integrated mechanical properties have been shown to supersede those of single cells 228,
demonstrating the importance of characterization of multicellular mechanics. While the precision of
the AFM is primed for single cell studies, perhaps, novel AFM modifications will also prove useful for
future studies of mechanics at the multi-cellular scale. Integration of single cell and multicellular
studies will be necessary for a comprehensive understanding of their mechanics.

1.6 Models of the cell
In an attempt to describe the observed cellular behaviours discussed, a number of models have
emerged over the years (Fig. 1.5). Simple mechanical models are often used to characterize the
mechanical properties of cells in the time domain. These models are generally comprised of one or
more elastic and viscous components, often denoted by springs and dashpots, respectively. The
downside to this simplistic approach is that reported time constants vary widely in the literature.
Discrepancies associated with these models are often attributed to varying time scales and
frequencies of experiments. Measurements made using passive techniques, such as LTM, tend to
fall into two distinct regimes (sub- and super-diffusive regimes)37, 89, 91, whereas active
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measurements demonstrate more rheological variance when comparing frequency dependent
behaviour.

Figure 1.5 Models of cell mechanics.
A) Tensegrity model, as shown by force balancing between the cytoskeletal components and ECM. B) Active
cross-linked polymer networks. C) Poroelastic model of cytosol flowing through a solid meshwork of filaments.
The rate of flow is limited by filament size, and size of the macromolecules, , and entanglement length of
181
filaments, , and , hydraulic pore size. Adapted from ref.
D) Soft glassy rheology (SGR) is shown through
an image of a dynamic trap, wherein elements (myosin motors) hop between different quadratic wells or
⁄
binding energies:
. If attachment of a filament occurs at a length (l), then a force kl is generated
(k is the spring constant) which results in sliding of the filament until equilibrium is reached. Adapted from ref.
230, 231
E) Commonly employed viscoelastic models. The Maxwell and Kelvin-Voigt models are shown as simple
combinations of springs and dashpots, representing elastic (E) and viscous ( ) components, respectively.
Shown are the corresponding stress (constant force) and strain (constant deformation) creep and relaxation
curves for each of the models.

Many researchers have reported power-law behaviour to describe the creep function of cells
following an applied step-stress 44, 203. Contrary to the discreet number of time constants associated
with simple mechanical models, power-law behaviour implies a large number of continuous time
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constants. Universality in rheological exponents appears to exist amongst the power-law form of
cells’ frequency-dependent behaviour, but not in its amplitude, as demonstrated during controlled
changes of physical properties, particularly apparent during chemical perturbation. For example,
Cytochalasin D is often employed to depolymerise actin, resulting in decreased elastic moduli of
cells, however the range of values reported is quite large (100-1000’s kPa). In cases of nonuniversality, researchers have proposed that cells were nearing a phase change and can be better
represented by soft glassy rheology (SGR). Whether or not these discrepancies are due to altered
interactions with the measurement probes remains an active area of research. A number of other
classical models have been used to describe cellular mechanics over the years. These include, but
are not limited to, the sol-gel hypothesis, tensegrity, and models of active cross-linked gels, a
detailed discussion of which can be found in 61. Several models have been derived from both
constitutive and global approaches to examining cell mechanics.
At their most basic uncoupled state, purified polymer networks have provided a great deal of
insight into the mechanics of subcellular cytoskeletal components 138. Models based on entangled
polymer networks, such as the sol-gel hypothesis involve the transformation of a solution (sol) of
monomers into a biphasic gel or network of flexible polymers. These biphasic polymer networks are
comparable to the cytoskeletal filaments contained within the cytoplasm of the cell. Treated as an
elastic continuum, these networks deform under shear, but are incompressible to hydrostatic
forces. Networks of short filaments and a low concentration of cross-linkers behave as a fluid when
exposed to stress (the sol-state), whereas a high concentration of cross-linkers or lengthened
filaments exhibit elasticity (the gel state). Traditional sol/gel states are only reliant upon thermal
fluctuations; however, in the context of cells more complex ATP-driven mechanics are at play.
Similarly, continuum models of active cross-linked gels have been proposed to describe the
behaviours of reconstituted isotropic actomyosin networks 232-234. By altering protein and crosslinker concentrations in vitro, self-assembly dynamics can be studied at different length, time and
force scales. Under tension, models employing purified actinin and filamin, as passive cross-linkers,
demonstrate power-law behaviours similar to cells. Similar to the contradictory findings in whole
cells, both strain hardening and softening have been observed in reconstituted polymer networks
205, 235
. Protein unfolding/unbinding has been proposed to explain these behaviours, with unbinding
dominating at low pulling rates, and unfolding of cross-linkers dominating at faster rates. Although
gesolin (an actin binding protein) and filamin (cross-linker) have generated increasingly realistic cell
behaviours 236, generally large discrepancies exist between rheological properties derived from
purified systems of entangled cytoskeletal filaments and those of intact cells 235, 237.
Discreet models have also been used to describe whole-cell behaviour. First proposed by
Ingber, the tensegrity model equates the cytoskeleton to pre-stressed structural components that
act in unison to provide structural integrity to the cell 238. In particular, the acto-myosin network is
thought to generate pre-stress within the cytoskeleton, while extracellular tension is generated
through cadherins or focal adhesions. Actin and intermediate filaments have been shown to
generate and sustain tension, whereas microtubules and focal adhesions bear internal
compressions of the cell. Moreover, pre-stress in cytoskeletal components has been shown to be
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linearly related to overall cell stiffness. While useful for describing macroscopic deformations,
tensegrity does not describe cellular phenomena related to frequency dependence, thermal and
non-thermal fluctuations, or localized mechanical properties. Although cell stiffening has been
shown in response to externally applied forces in vitro, it is not clear whether or not strain
hardening, rather than tensegrity, might better describe such occurrences.
A model proposed by Sollich 231, SGR, has also been used to describe various cellular
mechanical phenomena 230. Using this model, a phase transition (aging) is brought about by a
structural rearrangement within cells that likely relies on ATP or mechanical stress (Fig. 1.5 D).
Promotion/inhibition of actin polymerization and myosin contractility both result in conflicting
results in the literature. In contrast to the strain-hardening behaviour predicted by the tensegrity
model, SGR predicts strain-softening will occur when cells undergo application of large forces.
Although the application of SGR is widespread for describing the physical phenomena observed in
many cellular dynamics experiments 91, 202, 203, it is best used to describe only the contractile
actomyosin network.
Recently, poroelasticity has been used to describe the dynamic behaviour of whole-cells
undergoing deformation 166, 181. The premise of poroelasticity is based on deformations of soft gels
239
. As the material undergoes deformations the fluid phase flows through a solid mesh, thus a
material’s “poroelasticity” or deformability is limited by the pore size of the solid mesh (Fig. 1.5 C).
Within the framework of a cell, the cytosol is characterized by the fluid component and the dense
network of filaments and proteins comprises the solid mesh network. Moeendarbary et al. have
recently shown that cell relaxation following mechanical perturbation (with a spherical indenter)
can be described using this model 181. Immediately following cessation of the external perturbation,
the cell recovers quickly – and is attributed to the flow of cytosol through the filamentous
cytoskeleton. By exposing cells to hypo-osmotic and hyperosmotic conditions, the authors
demonstrate that the rate of flow of cytosol through the mesh is directly related to the pore size of
the mesh. Considering that the cytoplasm is the largest cellular component by volume, its rheology
in the context of cellular mechanics is likely dominant. While useful, poroelasticity does not describe
long-duration recovery processes which are likely dominated by cytoskeletal remodelling.
Mechanical manipulation of cells has led to significant insight into their mechanics; however no
consensus view of a general mechanical model has been reached. Much of the observed cellular
phenomena are difficult to quantify, a complexity magnified by interactions between cellular
components. It is probable that reported power law exponents and master curves represent an
averaging of the behaviour of multiple structures, where one structure may dominate. Alternative
models to the classical ones incorporate non-linear effects 240. Models such as these have been
proposed in order to describe phenomena such as cell fluidization; however they too are
incomplete. Moreover, although protein unfolding/unbinding processes have been implicated in the
mechanotransduction process, individual highly sensitive mechanosensors remain largely unknown.
It is possible that molecules on the brink of a conformational change act as these sensors within a
network of cross-linked biopolymers. Considering the number of cross-linking proteins within a
given cell, it is likely that the sensing occurs by multiple proteins simultaneously, such as in focal
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adhesions. Studies involving whole-cell mechanics as well as single polymer studies both have their
drawbacks. A cell cannot be described by the sum of its components, as they comprise a complex
hierarchy undergoing constant protein and structural turnover. Finding a unifying theory for cell
rheology may rely intrinsically on a coarse-grained picture of the cell. However, measurements of
bulk elastic and viscoelastic properties of the cell may only be useful in limiting cases. In an
illuminating review on active biological materials, Fletcher and Geissler discuss how current theories
involving linear and scaling-law rheological models only fit a small fraction of detail in the big picture
of cell mechanics 138. Difficulties include simultaneous deformation of a variety of cellular proteins
and structures, meanwhile interactions with the probe are often ignored. As well, chemicals used
for antagonizing or inhibiting the activity of certain cytoskeletal components are not specific, and
can result in a myriad of other cellular changes. With these cautionary statements in mind, we note
that only through careful examination of cellular mechanics will we be able to develop a clear
understanding of the inner workings of cell mechanotransduction.

1.7 Conclusions
The cellular response to mechanical force is consequent upon both its structure and mechanical
properties. Understanding and characterizing the cellular response to force is critical given that cell
mechanics and extracellular forces themselves direct many important cellular processes, including
differentiation, morphogenesis, and gene expression. Exactly how these forces are sensed and
transferred into biochemical cues is still an area of intense investigation. It has been proposed that
mechanotransduction occurs through a force-balancing act 241, wherein extra- and intra-cellular
generated forces contribute to mechanosensory feedback mechanisms, largely controlled by
actomyosin contractility 46, 93, 164. Conformational changes in key proteins likely accounts for one
avenue of direct conversion of mechanical signals into biochemical responses 242, 243.
Over recent decades, AFM has become a frequently employed tool used to examine the
deformation response and rheological properties of cells. Apparent stiffness measurements
generated from force-indentation curves have become useful for characterization and identification
of normal and diseased cells. Moreover, force-feedback techniques are valuable for characterization
of their viscoelastic properties. While useful, models used to interpret the observed cellular
responses vary widely in the literature. A clear description of how cells respond to a variety of forces
will provide insight into the mechanisms involved in many cellular functions. However, the complex
interactions between many active components make it extremely difficult to obtain an allencompassing picture of the cell. While the cytoskeleton, particularly the actin network and cortex,
are particularly important in defining the elasticity of the cell, we now know that actin assembly and
dynamics are largely influenced by extracellular mechanical cues, particularly those from the
substrate of adherent cells. Linear and scaling-law rheological models only fit a small fraction of
detail in the big picture of cell mechanics, as they do not consider non-equilibrium states 138.
Although theories of this nature will be required to describe cell behaviour, they will certainly be
highly complex. And so, describing specific observed phenomena, such as actin growth at the
leading edge or contractility consequent of molecular motors, with simpler models that relate to the
length and time scales of experiments is beneficial.
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Motivation |
Many studies have demonstrated the viscoelastic nature of cells in response to externally applied
forces. The cytoskeleton, particularly the actin network, has been shown to play an important role
in structurally supporting the cell. However, less is known about the nucleus and surrounding
cytoplasmic regions. Moreover, although general relations between cellular components and
deformation mechanics have been identified, the state of the membrane and underlying cortex has
not been well-characterized with respect to cell shape recovery, particularly following prolonged
deformations.

Hypothesis & Objectives |
The main objective of this manuscript is to characterize large-scale cellular deformations, and to
identify key cellular components involved in the response. We used direct visualization methods to
quantify the time-dependent deformations of the cell under localized loads at an extremum (large
load magnitude and relatively long duration) while examining cell-shape recovery processes. We
postulated that the actin cytoskeleton and nucleus also play a role in cell strain and recovery
behaviour.
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2 | Resiliency of the plasma membrane and actin cortex to large-scale
deformation
2.1 Abstract
The tight coupling between the plasma membrane and actin cortex allows cells to rapidly change
shape in response to mechanical cues and during physiological processes. Mechanical properties of
the membrane are critical for organizing the actin cortex, which ultimately governs the conversion
of mechanical information into signalling. The cortex has been shown to rapidly remodel on
timescales of seconds to minutes, facilitating localized deformations and bundling dynamics that
arise during the exertion of mechanical forces and cellular deformations. Here, we directly
visualized and quantified the time-dependent deformation and recovery of the membrane and actin
cortex of HeLa cells in response to externally applied loads both on- and off-nucleus using
simultaneous confocal and atomic force microscopy. The local creep-like deformation of the
membrane and actin cortex depends on both load magnitude and duration and does not appear to
depend on cell confluency. The membrane and actin cortex rapidly recover their initial shape after
prolonged loading (up to 10 minutes) with large forces (up to 20nN) and high aspect ratio
deformations. Cytoplasmic regions surrounding the nucleus are shown to be more resistant to longterm creep than nuclear regions. These dynamics are highly regulated by actomyosin contractility
and an intact actin cytoskeleton. Results suggest that in response to local deformations, the nucleus
does not appear to provide significant resistance or play a major role in cell shape recovery. The
membrane and actin cortex clearly possess remarkable mechanical stability, critical for the
transduction of mechanical deformation into long term biochemical signals and cellular remodelling.

2.2 Introduction
It is becoming well recognized that mechanical stimuli in vivo influences a multitude of cellular and
physiological processes 5, 244-246. How cells sense and transduce these mechanical forces into
biochemical signals (mechanosensation and mechanotransduction) is still an area under intense
investigation 15, 244, 246. Research has narrowed down many of the molecular components involved in
mechanotransduction; however there remain many open questions with regard to the response of
cells to mechanical stimulation. This response to mechanical force has been shown to be dependent
on both the magnitude and timescale of force application 247. Moreover, both local and global
mechanical stimuli can give rise to rapid changes in cell signalling, deformation of the
cytoarchitecture and changes in gene regulation 15, 248-251. Cell-cell interactions have also been
hypothesized as an influence in the response to loading, as densely packed cells are thought to act
collectively during stimulation 252. Cellular characteristics such as geometry and elasticity are
important, and clearly influence the response to extracellular forces 253. However these
characteristics are derived from the behaviour of distinct subcellular features, in particular the
plasma membrane, cytoskeleton, and surrounding extracellular matrix (ECM) 254.
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The mechanical response of cells is largely influenced by the cytoskeleton, which provides
structural support to the soft and flexible plasma membrane, and the cell as a whole 247. The
mechanical properties of the cell’s microenvironment, contact with other cells, and chemical factors
all influence the rigidity of the cytoskeleton 5, 245. It has been hypothesized that cell surface
receptors couple the cytoskeleton to the ECM and to neighbouring cells in order to transmit extra,
intra, and inter-cellular forces 5, 156, 244-246. Indeed, the physical properties of the underlying cell
matrix also play a key role in governing many complex physiological processes 244, 246, 255, 256. Cells
generate traction forces as part of a mechanism to sense the mechanical properties of the
surrounding microenvironment. Traction forces are mediated by actomyosin contractility and
physical links to the microenvironment through membrane bound focal adhesion and integrin sites
244, 246
. Conversely, cells can also respond dramatically to physical forces arising in the
microenvironment 15, 248-251, 257. Some evidence suggests that the response of actin, following
mechanical stimulation, is bimodal, i.e. rapid reinforcement, followed by a gradual reorientation of
actin stress fibres 84. Stress fibre formation is also influenced by mechanical cues 17, 258. For example,
zyxin (a known mechano-sensitive protein) has been shown to translocate from focal adhesion sites
to actin filaments due to uniaxial cyclic stretch, thus increasing the thickness of stress fibres 259.
Physical forces arising from cyclic stretching and from cell-cell interactions have also been shown to
result in rapid cytoskeletal remodelling 260, 261. From these examples it is clear that the connection
between the actin cytoskeleton and ECM are quite important in maintaining cell shape, rigidity, and
the cell’s ability to respond to external forces.
The actin cytoskeleton is often prized for its structural stability; however the plasma membrane
must also withstand rapid and dynamic shape changes, and is obviously vital in cell physiology.
Often, the plasma membrane is thought of as a soft and flexible structure, that can be ruptured
quite easily in vivo 257, and so its rapid repair is critical for cell viability. Physical forces applied to the
plasma membrane are transmitted throughout the cell 262, and laterally along the membrane
causing changes in transmembrane protein conformation, leading to their activation 263. As well,
high local curvatures can cause a chemical rearrangement within the cell 245, implying that
mechanical stimulation of the plasma membrane can lead to intracellular signalling, and potentially
a change in function. In addition, there is an important and complex regulatory interplay between
the mechanical properties of the plasma membrane and actomyosin cortex 100, 101. The so-called cell
cortex forms an interface between the external and internal cellular microenvironments and
governs the mechanical properties of the cell. These properties are critical in the ability of a cell to
rapidly change shape and respond to mechanical stresses during a multitude of physiological
processes 262. Importantly, the individual properties of the plasma membrane and actomyosin
cortex have a significant influence on one another. The mechanical properties of the plasma
membrane play a critical role in the local organization and bundling of actin at leading edge
protrusions and filopodia 264, 265. As well, cortical tension plays a key role during mitosis, controlling
spindle positioning and morphogenesis, cell shape stabilization and cytokinesis 98, 100. Although there
are still many questions regarding the molecular and mechanical properties of the actin cortex 184, it
has been shown to rapidly remodel (timescale of seconds to minutes) to allow for deformations that
arise during motility 100, shape change 266 and during the exertion of mechanical forces 267. Clearly,
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the cell cortex must be resilient during deformation but remain dynamic to allow for rapid
remodelling. In this study, our objective was to examine the time-dependent deformation and
recovery of the membrane and underlying actin cytoskeleton in response to an externally applied
mechanical load, while attempting to characterize the roles of the membrane, cortex, nucleus, and
surrounding cytoplasmic regions during the response.
In order to probe the deformation and subsequent recovery of the cell membrane and actin
cortex, HeLa cells were created transiently expressing the pleckstrin homology (PH) domain of
phospholipase C conjugated to EGFP and LifeAct-Ruby to label the membrane and actin
cytoskeleton, respectively. We applied nano-scale forces (5, 10, and 20nN) using the atomic force
microscope (AFM) as a nano-indentor to the apical surface of HeLa cells for up to 10 minutes. Use of
the AFM allowed us to apply precisely controlled forces to the cell membrane, either on- or offnucleus. By combining AFM with simultaneous laser scanning confocal microscopy (AFM-LSCM) 15
we were able to systematically characterize the structural response of HeLa cells to external
perturbations through direct visualization. We demonstrate that the response of the plasma
membrane is dependent on both load magnitude and temporal factors, with perturbed cells
exhibiting creeping deformation. By employing actin and actomyosin contractility inhibitors we
demonstrate actin’s crucial role in maintaining cellular resistance to deformation. Importantly, we
observed a rapid recovery and maintenance of membrane integrity, following large local loads
(20nN) for sustained periods of time (10min). Post-perturbation recovery of the cell membrane and
cortex was observed to occur in < 2min without significant changes in F-actin stress fibre
morphology, or deviation from the initial cell shape. Despite previous notions of the fragile nature
of the cell membrane 257, 268, we show that the membrane, even without an intact cytoskeleton,
proves to be surprisingly resilient to penetration. Our findings directly demonstrate that while
cytoskeletal integrity is important for maintaining structural rigidity, the membrane and
cytoskeleton can withstand and recover from large loads and deformations. Characterization of onversus off-nucleus loading demonstrates that cytoplasmic regions surrounding the nucleus act in a
more viscous manner in comparison to nuclear regions. This demonstrates the important finding
that the soft nucleus does not resist deformation, and is not responsible for cell shape recovery in
HeLa cells.

2.3 Results
2.3.1 Membrane indentation measurements in monolayers
Atomic force microscopy (AFM) and laser scanning confocal microscopy (LSCM) were employed to
apply nanonewton forces to the plasma membrane of HeLa cells, while simultaneously imaging
cellular deformation (Fig. 2.1 A). This was performed on cultured monolayers of HeLa cells
transiently expressing the pleckstrin homology (PH) domain of phospholipase C (PLC-δ) conjugated
to EGFP (PH-PLCδ-EGFP) and counter stained with the live-cell nuclear dye Hoechst 33342 (Fig. 2.1
B, C). This approach allowed us to directly visualize of the indentation of the AFM tip into the cell.
The deformation of the cell membrane over time was investigated by applying a constant 5, 10, and
20nN force, applied to the cell nucleus, which closely approximates the centroid of the cell as we
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have previously shown 15. Force was applied for a period of 10 minutes followed by removal of the
tip and continued imaging. LSCM volumes were acquired prior-to and during application of the
force, from which YZ and XZ orthogonal views were examined (Fig. 2.1 B). Direct measurements of
the indentation depth were made every minute over the ten-minute application time. We
calculated the ratio of deformation to initial cell height in order to normalize cell-to-cell variations in
height.

Figure 2.1 AFM setup and LSCM volume acquisition.
A) Schematic diagram of the AFM set-up used as a nano-indentor. The AFM is employed to impose an
indentation of a given depth (d) into a cell of a given height (h). B) A living HeLa cell deformed by a 10nN force
applied by an AFM tip above the cell’s nucleus. Orthogonal views show that both the membrane and
underlying nucleus were deformed. C) Deformation over a 10 minute duration – the depth of deformation
increases as demonstrated from t=0 to t=10. Green: PH-PLCδ-EGFP, Blue: Hoechst 33342, Scale bars= 5μm.
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Figure 2.2 Force magnitude affects deformation but not elastic modulus.
A) The effect of force magnitude on normalized membrane deformation. The normalized depth of
deformation (d/h) of the cell membrane is proportional to the magnitude of the applied force. There was a
significant (P < 0.05) difference between the total deformation observed, after 10 min of constant force
application, between 10 and 20nN forces applied to HeLa cell membranes. (5nN – black, n=12, 10nN – red,
n=26, and 20nN – blue, n=12) B) Total deformation over time. Deformations involving 10 and 20nN result in
similar depths (d) reached in cells, as they are both relatively large-scale forces in comparison to 5nN. C)
Corresponding averages of total deformation (d) and initial cell heights (h). Inset shows that normalized
deformation (strain) is linearly proportional to the applied force, within this range of magnitudes. Total strain
is significantly higher for 20nN and is independent of variances in cell height. D) Young’s modulus calculated
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before (grey) and after (white) 10 min of force application. Shown are the differences in average Young’s
moduli – which are independent of force magnitude. E) Z-projection of a cell deformed by a 10nN load above
the nucleus for 10 min. Orthogonal views demonstrate that no deformation is visible within 2 min following
tip removal (t=11 min), as the membrane has recovered its initial pre-deformed shape (t=0). The (*) indicates
the apex of the AFM tip. Green: PH-PLCδ-EGFP, Blue: Hoechst 33342, Scale bars=5μm. All time is in minutes
and error bars shown are standard error.

As expected, the observed indentation was force dependent (Fig. 2.2 A-C). As well, the
deformation was observed to creep over time under a constant applied force due to the viscoelastic
behaviour of the cell (Fig. 2.2 A). As cells were randomly selected across samples there were
significant height variations (Fig. 2.2 C). Regardless of this, the relative deformation depends linearly
on force magnitudes within the range tested (Fig. 2.2 C inset), with 20nN resulting in a significant
increase in total normalized deformation after 10 minutes of applied force (ε in the inset Fig. 2.2 C).
In addition, Young’s moduli, measured by fitting AFM force-distance curves to the Hertz model,
were determined before and after the applied load, on the same cell. No significant change (P > 0.5
in all cases) in the elastic modulus was observed, even after a ten-minute period of perturbation
(Fig. 2.2 D).
LSCM volumes were also acquired following removal of the tip in order to examine the postdeformation recovery of the cell. Interestingly, 1 minute after removal of the applied load showed
that the membrane had already begun to recover from its initial deformation (Fig. 2.2 E). Within 2
minutes following 10 minutes of a 10nN load, the recovery of the membrane was complete or well
underway in ~80% of the cells examined in this study. In this study, we defined a cell as recovered
(or recovering) if after 2 minutes the induced membrane deformation has decreased at least 50%,
however in most cases there was a 100% complete recovery by this time. Even after a 20nN load
was applied for 10 minutes, cell membranes were observed to completely recover their initial
morphology. Large deformations were also observed within the nucleus during the loading period;
however the nucleus also returned to its initial morphology in the 2 minutes following tip removal.
In order to determine whether or not the nucleus is the driving force behind membrane
recovery, we performed the same experiment off-nucleus (see Fig. 2.3 A). For untreated cells, the
cell membrane again was observed to recover within 2 minutes after tip removal ~90% of the time.
AFM measurements of whole cell force maps (n=3) showed that Young’s moduli above the cells’
nuclei are 2-3 fold softer than those in regions surrounding the nuclei (Fig. 2.3 B). Variances in
stiffness, however, are apparent across the cytoplasmic surface due to inherent heterogeneity 183,
269
. These soft nuclear regions correspond with an observed increase in deformation over time,
when compared to the stiffer off-nucleus regions (see Fig. 2.3 C and D). These results indicate that
membrane recovery may be independent of the nucleus. Sustained deformation of the nucleus,
however, may influence the rate of recovery of the membrane in the vicinity of the applied force as
the nuclear envelope is highly interconnected to the cytoskeleton and the membrane cortex.
In order to assess the integrity of the membrane before, during, and after deformation we
incubated the cells in propidium iodide (PI) 49. PI is a potent nuclear stain that will fluoresce red
when intercalated in the DNA. Importantly, it is membrane impermeable and cannot localize in the
nucleus unless the plasma membrane has been disrupted. We exposed cells to a 20nN constant
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Figure 2.3 On versus off-nucleus deformations.
A) Off-nucleus loading with 10nN for 10 min was shown to result in membrane recovery in 90% of cells (n=10)
within 2 min following tip removal, consistent with on-nucleus loading, demonstrating that the nucleus is not
responsible for membrane recovery. The (*) indicates the apex of the AFM tip. B) Force-map of a HeLa cell
showing the height measured, and the corresponding Young’s modulus measurements (fit to the Hertz
model). Results demonstrate that the nucleus is taller and the elastic modulus is 2-3 fold softer (~500Pa) than
in surrounding cytoplasmic regions (~1.5kPa) for this particular cell, as measured by JPKSPM software here. C)
Normalized deformation over time comparing on-nucleus (orange) and off-nucleus (black) loading. D)
Corresponding average deformation over time for on-nucleus and off-nucleus loading. Deformation onnucleus is significantly greater than off-nucleus. Green: PH-PLCδ-EGFP, Blue: Hoechst 33342, Scale bars=5μm.
Error bars shown are standard error.

force for 10 min, followed by removal of the AFM tip while simultaneously imaging PH-PLCδ–EGFP,
Hoechst 33342 and PI. No red fluorescence was observed from the perturbed cell nuclei before,
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during, or after the application of a 20nN force (Fig. 2.4 A-C). After removing the tip and confirming
membrane integrity, we conducted a positive control by adding a minimal amount of Triton X-100
(TX) (0.05% v/v final concentration) to the culture medium. TX rapidly permeabilized the plasma
membrane and PI fluorescence was immediately observed (Fig. 2.4 D).
As a positive control paraformaldehyde was added to a sample dish prior to performing the
same constant force experiment. The observed effect of PFA (a known fixative) was a near 5 fold
increase in stiffness (P < 0.05), as measured by AFM Young’s modulus measurements, and an
increased resistance to deformation. Less than 20% of cells treated with PFA displayed any visible
deformation upon application of a 10nN constant force for 10 min. In cells displaying a visible
deformation, no recovery of the initial cell shape was observed following removal of the tip.
Conversely, we also conducted an experiment in which PFA was added to live cells during the
exposure to a constant force for 10min, but before the removal of the AFM tip. After allowing the
PFA to fix the cells, the AFM tip was removed. Although PFA treatment did result in some image
degradation, the induced deformation was still clearly observed 20 min later (Fig. 2.4 E).

Figure 2.4 Control experiments: PI test and PFA.
A-D) PI test demonstrates that the membrane is not penetrated during or following tip removal. A) Cell prior
to applied load. B) Cell deformed by a 20nN force. C) Load is removed. The membrane is not penetrated by
the tip, as is seen by the lack of red fluorescence. D) Addition of TX-100 to the media, as a positive control,
demonstrates that the membrane is permeated resulting in red fluorescence of the PI stain (PI and Hoechst
channels are overlaid). E) PFA added to cells during deformation results in permanent deformation even 10
min after tip removal. Image shows deformation in the XY and XZ orthogonal view. Although there was a
decrease in fluorescence intensity following addition of PFA, an image captured 10 min following tip removal
shows the deformation remains. Young’s modulus of PFA treated cells (n=6) (14.7±7.4kPa) was almost 5-fold
higher in magnitude than untreated cells (3.4 ± 1.4kPa). Green: PH-PLCδ-EGFP, Blue: Hoechst 33342, Red: PI,
Scale bars=5μm.
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To further test the role of the membrane in the deformation response, we incubated the cells
with membrane-bound fluorescent markers in an attempt to stiffen the membrane: Wheat germ
agglutinin (WGA) 270, 271, a lectin which binds to N-acetyl-D-glucosamine and sialic acid, and DID, a
lipophilic tracer. Both fluorescent markers were fluorescent in the 600-700nm emission spectra,
which allowed us to simultaneously image the membrane transiently expressing EGFP-PLC-δ (Fig.
2.S1). The same experiment as described earlier was performed on-nucleus for these cells. AFM
force-curves confirmed that Young’s modulus of cells incubated with WGA (4.6 ± 2.0kPa, n=23)
significantly increased (P < 0.05) by 35% in comparison to untreated cells (3.4 ± 1.3kPa).
Deformation over time was measured (n=10), and plots show that normalized deformation is
greater than untreated cells (Fig. 2.S2). Total normalized deformation at the maximum duration of
loading was significantly higher (P < 0.05) for WGA (0.7 ± 0.3) in comparison to untreated cells (0.5 ±
0.2). Incubation with DiD also led to a slight increase in Young’s modulus, (4.0 ± 1.2kPa, n=15). The
deformation-height ratio versus time data followed a similar trend to that of WGA, and resulted in
an increase (0.6 ± 0.1) (n=5). Despite the overall increased stiffness the effect on membrane
deformation was surprising. Considering that the load applied is highly localized and results in high
aspect ratio deformations, it is possible that a stiffer membrane experiences shearing effects rather
than bending, as would be expected for softer materials 272.
Taken together, the results reveal that the cells are able to recover rapidly after a large-scale
indentation for prolonged periods of time, even in cytoplasmic regions surrounding the nucleus.
Moreover, the membrane does not rupture in response to relatively high aspect ratio indentations.
Resiliency of the membrane herein refers to its ability to withstand these extreme forces without
penetration. This was confirmed using a PI test and is directly visible - the cell membrane clearly
deforms around the shape of the AFM tip as observed in the LSCM orthogonal views (see Fig. 2.1 C).

2.3.2 Membrane indentation measurements in single cells
HeLa cells in culture preferentially form highly interconnected monolayers. In order to investigate
the influence of the monolayer microenvironment on the membrane deformation and recovery
dynamics, we performed the same experiment again on cells cultured at low-confluence. In this
situation it was possible to examine the mechanical dynamics of the cortex of single cells (Fig. 2.5).
Here, we exposed single cells to a 10nN force for 10 minutes and recorded LSCM volumes as in the
same manner as above. We observed no significant differences between the deformation dynamics
of single cells in comparison to those in a monolayer (Fig. 2.5 B and C). This suggests that the
response of a cell’s membrane to a localized deformation induced by an AFM tip is independent of
its neighbours.

2.3.3 Actin deformation
In order to examine the response of the underlying actin cortex and cytoskeleton we produced HeLa
cells transiently expressing PH-PLCδ-EGFP and LifeAct-Ruby and performed experiments as above.
Red fluorescence observed within the orthogonal views demonstrated the presence of actin
underlying the membrane, with an increased intensity just underlying the green fluorescent
membrane (the cortex) (Fig. 2.6 A). Simultaneous membrane and cortex deformations were
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measured within the same cell (n=9), and demonstrated that the cortex deforms and creeps at the
same rate as the membrane (Fig. 2.6 B). LSCM volumes captured before, during and after tip
removal demonstrated that, not only the membrane, but also the actin cortex recovered following
removal of the load (Fig. 2.6 A). This recovery was again observed in a relatively short time period of
2 minutes. We performed a commonly employed intensity correlation analysis (ICA) on orthogonal
projections of LSCM volume images (see 273) in order to quantify the similarity in the initial
membrane morphology with the membrane morphology during and after deformation (full details
are described in the Supplementary Information, Ch. 2.7.2). ICA compares a pair of images and
provides an intensity correlation quotient (ICQ) that varies between -0.5 and +0.5. An ICQ value of 0.5 or +0.5 indicates that the images being compared are negatively or positively correlated,
respectively. An ICQ of 0 indicates that a pair of images is completely decorrelated. As expected,
comparing images of the membrane before and after full recovery leads to a positive ICQ of 0.19 ±
0.06. However, comparing images of the membrane before and during deformation results in a
significantly smaller ICQ of 0.06 ± 0.03 (P < 0.05). These results demonstrate that cells recover their
pre-deformed morphology, as determined by the larger ICQ values for before and after versus
before and during deformation images (Fig. 2.6 C).
We also investigated the morphology of the actin stress fibres before, during and after
deformation. It has been observed that cells exposed to planar uniaxial stretch undergo rapid and
dramatic remodelling of the actin cytoskeleton 17, 84, 258. In this study, although the mechanical stress
is obviously very different, we were curious to observe if a similar phenomenon would take place. In
HeLa cells, we observed stress fibres primarily appearing at the basal membrane near the substrate
but also above and around the nucleus (Fig. 2.6 D). We acquired LSCM volumes before and after a
10 minute deformation caused by a constant 10nN force applied with the AFM tip. Although there
appears to be some displacement of the actin stress fibres, consistent with our previous work 15,
they were not observed to disassemble during the deformation. ICA performed on ROIs containing
visible actin stress fibres demonstrates that there is only minor movement of F-actin within the
basal plane, as shown in Fig. 2.6 D. Values of ICQs were similar for deformed (0.134) and recovered
(0.139) cells, indicating very little movement of the fibres. In some cases, a minority of actin stress
fibres were observed to remodel, however overall, the actin cytoskeleton was observed to remain
intact and relatively stable. We also examined cortical regions of the cell membrane and similar ICA
results were obtained. Ratios of fluorescence intensity in the regions were also examined before
and after mechanical perturbation but no definitive results were obtained (data not shown).
However, this analysis certainly does not rule out the possibility of cortical actin remodelling
dynamics in response to mechanical perturbation due to the fact that such fine actin structure in
the cortex is not easily resolvable with standard LSCM.
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Figure 2.5 Comparison of single cell and monolayer deformation behaviour.
A) A comparison of single cell morphology and microenvironment to that of cells within a confluent
monolayer. The shape of single cells is not influenced by its neighbours, in comparison to those in a dense
monolayer, as is seen in these immunofluorescent images. Z-projections demonstrate the strong presence of
actin fibres in the basal plane of the cell’s membrane. Merged actin/DAPI images show z-projections of
cortical actin throughout the cell. B) Comparison of normalized deformation over time of single cells (black,
n=10) and HeLa cell monolayers (orange, n=26) for a 10nN applied force. The Young’s modulus of cells in a
dense monolayer (E=3.4 ± 1.4kPa) is not significantly (P > 0.9) different than that of single cells (E=3.4 ±
1.6kPa). Cell density does not appear to influence local cell elasticity. C) Corresponding total deformation over
time for monolayer and single HeLa cells. Green-Phalloidin 488 (actin), Blue-DAPI (nuclei) Scale bars = 5μm.
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Figure 2.6 Cytoskeletal recovery following mechanical perturbation.
A) Overlay of actin fibres in the basal membrane of an untreated HeLa cell before (red) and after (green) 10
min of 10nN applied load. Both the membrane and underlying cortical actin network recover following
mechanical loading (after 2 min of unloading, t=12), as seen in the orthogonal views. (*) indicates AFM tip
position. B) Normalized deformation of actin (black) versus membrane (orange) over time demonstrates that
the linked cellular components deform simultaneously. Error bars are standard error. C) Plot of mean intensity
correlation quotients (ICQs). Intensity correlation analysis (ICA) was performed on orthogonal views of regions
of interest (ROI) around the deformation comparing before (t=0 min), during (t=10), and after deformation
(t=12) for both the membrane (PLC-δ-EGFP) and the cortex (LifeAct Ruby). Deform corresponds to ICA of t=0
vs t=10, and recovery corresponds to t=0 vs t=12.There was a significant (P < 0.05) increase in ICQ for ROIs in
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recovery in comparison to deformation, as expected. However, there was an insignificant difference for the
same comparison of the cortex intensities, due to high levels of noise, and negative effects of photobleaching.
Comparison of control (non-deformed) cells over the course of t=0 and t=10 min again shows higher values for
ICQ of the membrane in comparison to the cortex, demonstrating that ICA is more accurate at predicting
correlation using the membrane tag PLC-δ-EGFP. Overall, ICA shows that the membrane shape recovers in
comparison to the cell’s deformed state. n=5 for each ICA (membrane, cortex, control). Error bars are
standard deviation. D) Actin fibres (LifeAct Ruby) demonstrate little movement in the basal membrane.
Zoomed images of actin fibres shown before deformation (t=0) and two minutes following deformation (t=12)
show that no remodelling has taken place. Overlay shows non-deformed (red) and recovered (green) cell actin
fibres in the basal membrane. Below, intensity correlation quotients are indicated, showing that ICA presents
only limited fluctuations over the ten minutes of loading. See supplement (Ch. 2.7.2) for details of ICA. (*)
indicates AFM tip position. Scale bar = 5μm.

2.3.4 Cytoskeletal disruption
Given the results of the experiments reported above, we hypothesize that the integrity and rapid
recovery of the membrane is governed by the stability and contractility of the underlying actin
cytoskeleton. To test this, we pre-treated cells for 15 and 30 minutes, respectively, prior to
experiments with the well-known actomyosin contractility inhibitors, ML7 (inhibitor of myosin light
chain kinase, MLCK) or Y-27632 (inhibitor of rho kinase, ROCK). Finally, we also performed
experiments on cells pre-treated for 15 minutes prior to experiments with the actin destabilizing
drug, Cytochalasin-D (CytD). The myosin-II inhibitor, blebbistattin, was not employed in this study,
as it is sensitive to 488nm light and would decompose during the measurement 274, 275.
Although there was no noticeable morphological change shown in HeLa cells treated with ML7,
there were vast differences in the appearances of cells treated with Y-27632 and CytD, in
comparison to untreated HeLa cells (Fig. 2.7). Prominent stress fibres were visible along the basal
membrane with some adjacent and apical to the nucleus in untreated HeLa cells. However, those
treated with Y-27632 lacked stress fibres. Cells treated with CytD appeared to have completely
destabilized actin networks, and cell height was slightly reduced. Cell height above the nucleus and
surrounding cell periphery were alike, whereas untreated, ML7, and Y-27632-treated cells revealed
a significant decrease in cell height when comparing on-nucleus to off-nucleus regions (Fig. 2.S3). It
was also noted during experimentation (live cells) that a large number of membrane blebs formed
following CytD treatment, as might be expected due to weakened interactions between the
membrane and underlying cytoarchitecture 101, 271, 276, 277. We have previously demonstrated that
mechanically induced membrane blebs occur frequently in response to AFM indentation in mouse
embryonic stem cells that have low phospho-ezrin-radixin-moesin expression levels 278. Elasticity
measurements also revealed that cells treated with ML7 demonstrated a non-significant (P > 0.1)
change in cell cortical elasticity (4.0 ± 2.2kPa) in comparison to untreated cells (3.4 ± 1.3kPa), while
those cells treated with either Y-27632 or CytD resulted in a significant decrease (P < 0.05) in
elasticity (2.8 ± 1.3kPa and 2.5 ± 1.0kPa, respectively). The decrease in elasticity is in agreement
with previous studies and occurs as a result of actomyosin inhibition and cytoskeleton
destabilization 15, 50, 167, 196, 260, 278, 279.
Employing the cytoskeletal inhibitors, we repeated the experiments using a constant 10nN
force applied above the cell’s nucleus. In Fig. 2.8, normalized (A) and non-normalized deformation
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(B) over a 10 min period of constant applied force is shown comparing untreated and pre-treated
HeLa cells. Corresponding with the lack of change in morphology or Young’s modulus, cells treated
with ML7 differed only marginally from control cells. Comparing the total deformation at ten
minutes of loading demonstrated that the difference was insignificant for ML7 (P > 0.35). On the
other hand, cells treated with Y-27632, and CytD, both experienced a significant increase in the total
deformation experienced by the cell’s membrane (P < 0.05). The difference in deformation was
noticed visually between untreated HeLa (Fig. 2.8 C) and treated cells (Fig. 2.8 D), as the treated
cells exhibited a pronounced outward expansion and deeper deformation, almost reaching the basal
membrane. This observation coincides with the effect of a lowered elastic modulus seen for these
treated cells. Overall, we observed that regardless of the inhibitor employed, all cells respond to
mechanical deformation in a similar manner to control cells. Initially, there is a rapid increase in
deformation within the first minute followed by a creep-like response over time. However,
inhibition of ROCK or destabilization of the actin CSK results in a ~22% and ~44% increase in
deformation over control cells, respectively (Fig. 2.S3).
We again performed the experiment while applying the load off-nucleus (Fig. 2.3 A, and 2.S3)
while simultaneously employing cytoskeletal inhibitors. We observed similar percentages of
deformation recovery as shown with above nucleus-pushing experiments. In the case of ML7
treated cells, the membrane recovered from deformation in a similar manner to untreated cells
(90%). Slower recovery was observed when cells were treated with Y-27632 and CytD. For example,
only 60% of cells treated with Y-27632 and only 40% of cells treated with CytD experienced any
significant recovery within the 2 min following tip removal. Time-dependent deformation-height
ratios were significantly altered upon treatment with cytoskeletal inhibitors (Fig. 2.S3). Increases in
deformation-height ratios were significant in comparison to untreated cells when Y-27632 and CytD
were employed, however only on-nucleus. This result suggests that an intact actomyosin network is
largely responsible for deformation resistance above the nucleus.
Repeating the experiment above the cell’s nucleus, in these cases of cytoskeletal debilitation,
demonstrated that the membrane still recovered its original, pre-deformed state. Within 2 min,
almost all cells treated with ML7 recovered, consistent with the behaviour of untreated cells (80%).
However, there was again a noticeable difference in the recovery of cells treated with Y-27632 and
CytD. In these cases only 50% and 20% of the cells were able to recover a substantial portion of
their undeformed height after 2 min, respectively. In some cases, even after several minutes of
imaging, a small amount of membrane indentation was still visible (Fig. 2.8 E). PI tests reveal that
although the membrane did not recover from indentation it indeed remained intact.
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Figure 2.7 Immunofluorescent images of untreated and treated HeLa cells.
Immunofluorescent images of fixed HeLa cells – a comparison of untreated and drug-treated cells. Left column
images are z-projections of the basal confocal planes containing actin stress fibres and images in the right
column are whole-cell z-projections with corresponding YZ orthogonal views indicating the observed actin
cortex. Cells treated with ML7 show no noticeable difference in the appearance of their actin cytoskeleton.
However, those cells treated with Y-27632 and CytD show noticeable differences in their actin networks. Actin
is completely de-polymerized in the case of CytD treated cells. Young’s moduli are indicated with standard
deviation. Green: Phalloidin 488 (actin), Blue: DAPI (nuclei), Scale bar = 10μm.
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Figure 2.8 The effect of cytoskeletal drugs on the response to mechanical perturbation.
A) Plot of the average ratio of normalized deformation: initial cell height over time during a constant applied
force of 10nN. Cells treated with Y-27632 (pink, n=19) and CytD (green, n=8) experienced significantly
increased membrane deformations in comparison to untreated cells (orange, n=26), and those treated with
ML7 (black, n=13) (P < 0.05). B) Corresponding deformation over time for untreated and treated HeLa. C)
Red/green overlays comparing membrane deformation in untreated HeLa and D) CytD-treated HeLa, following
10 min of 10nN applied force. The deformation following treatment with both CytD and Y-27632 was much
more severe than what was observed for untreated HeLa. Destabilizing the actin cytoskeleton severely
increased deformation, and impaired the ability of the cell to recover following the perturbation. E) An
example of a cell treated with Y-27632 that did not fully recover following 2 min post-force removal. The
indentation is still visible in the XY plane as indicated by the arrow. Typically with an intact cytoskeleton we
observed a quick return of the membrane to its inital state, however without an intact actin network,
recovery appears to be slower. Green - plasma membrane at t=10 min of 10nN deformation, Red – initial cell
morphology (PH-PLCδ-EGFP), Scale bars = 10μm.

2.3.5 Mechanical characterization of cell deformation
Time-dependent normalized deformation (assumed here as compressive strain) was fit to a KelvinVoigt model in an attempt to measure the viscous time constant of the membrane (see
Supplementary methods for details, Ch. 2.7.1). The model fit the data extremely well (R2 > 0.95),
and results in time constants on the order of ~1 minute for both untreated and treated HeLa cells
(see Supplementary methods Table 2.S1). Although these rates are within reason for the observed
membrane creep, apparent viscosity values are an order of magnitude higher than expected, ~3-6
kPa·min. Previous studies have reported membrane viscosities within the range of 100-1000s of Pa·s
168, 196, 280, 281
. These values are intuitively high considering that honey, for example, is in the range of
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~0.1-10s of Pa·s 282. This discrepancy is caused by using a simple model to describe a highly complex
biological system. As well, the assumption of isotropic compressive strain is a gross oversimplification of the loading conditions of the locally applied force via a conical AFM tip. Many other
researchers have attempted to fit deformation and creep data to a variety of viscoelastic models,
and relevant parameters also vary widely 44, 283-285. Despite these limitations, it is worthwhile to note
the significant difference between the creeping rates (Table 2.S1) and relative apparent viscosities
of on- and off-nucleus data (Fig. 2.9). The creeping rate off-nucleus was observed to be ~55% longer
than the on-nucleus data (from 1.16s to 1.80s) and the relative viscosity also increased by ~41%.
These results correlate well with force-maps showing that off-nucleus stiffness is increased in
comparison to on-nucleus regions (Fig. 2.3 B). This suggests that the dense mesh of the cytoskeleton
in regions off-nucleus act in a more viscous-manner resisting long-term deformation, more so than
the nuclear region (Fig. 2.3 C). In response to various drug treatments, only CytD resulted in a
significant decrease in on-nucleus apparent viscosity. Under these conditions, the cell completely
lacks an actin cortex in any form. By comparing on and off-nucleus deformation, we were able to
approximate a relationship between total on- and off-nucleus strains, with and without an intact
cortex. Without an intact cortex (CytD-treatment) strain off-nucleus is reduced in comparison to on⁄
nucleus (
), compared to a nearly equivalent strain ratio when the cortex is
unperturbed (
). Taken together, these results support the unsurprising notion that
an intact actin cytoskeleton has a major influence on the deformation and the recovery of the cell to
large deformations both on- and off- the nuclear region. More importantly however, the data
suggests that the nucleus does not appear to play a major role in cell shape recovery following
deformation in the nuclear region.

Figure 2.9 Relative viscosities of treated cells and cytoplasmic regions.
Comparison of relative viscosities of untreated (on-nucleus) membrane (ηo) with treated cells, and off-nucleus
cytoplasmic regions. Relative viscosity off-nucleus is significantly higher than on-nucleus, which corresponds
with increased stiffness observed in force maps, suggesting the density of cytoskeletal filaments is higher in
those regions. The relative viscosity of CytD is also significantly lower than untreated HeLa, indicating a clear
disruption in the actin cortex. Error bars are standard error of the mean. Significance (*) compared with onnucleus untreated HeLa, determined with independent student’s t-test (P < 0.05).
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2.4 Discussion
Eukaryotic cells have developed mechanisms in order to respond to changes in their
microenvironments – including mechanical stresses imposed on them by other cells, or their
substrates, for example. Recently, researchers have begun to shed light on the response of cells to
mechanical loading, which has been proposed as a regulator of cell function 15, 84, 91, 258, 260, 262, 263, 278.
Often, large-scale forces occur in vivo 286-288. As well, large volumetric changes have been shown to
occur in cases of cellular blebbing 289, and motility 290, thus it is important to quantify the response
of cells to forces at an extremum. In this study, we have employed simultaneous AFM-LSCM to
quantitatively measure deformation and recovery of the plasma membrane and underlying actin
cytoskeleton in response to force at an extremum of magnitude and aspect ratio. We specifically
examined the roles of the membrane, cortex, and nucleus in relation to the response to locally
applied nanonewton forces. Specifically, cells expressing PLC-δ-EGFP allowed us to visualize and
directly measure the deformation of the membrane, during a constant applied force of 10 minutes.
We demonstrated that the depth of deformation of the plasma membrane was linearly dependent
on the magnitude of the load applied within this range of forces (Fig. 2.2 A), and that despite
prolonged stress and high aspect ratio deformations, the cell membrane was impermeable (Fig.
2.4). We showed that, for the majority of cells (~80%), the plasma membrane and cortex can
recover quickly from high magnitude and high aspect ratio deformations, in fewer than 2 minutes.
An intact actin network is necessary for cell shape recovery, and that the nucleus, despite
encompassing a large portion of the cell, does not appear to contribute to this recovery process.
In an effort to extract a viscous time constant from the observed creeping behaviour, timedependent strain data was fit to a Kelvin-Voigt model for the various conditions tested (on- and offnucleus, cytoskeletal inhibitors, cortex versus membrane) (see Supplement, Ch. 2.7.1). Due to the
lack of a realistic model and simplifying assumptions about the load applied and the cell material
properties as well, absolute values obtained from the model must be taken with caution, however
some important insights can still be gained (Table 2.S1). Likewise, variances in mechanical
parameters have also been reported throughout relevant literature 44, 283-285. Notably here, the
relative apparent viscosity of the nucleus was significantly lower than that of the surrounding
cytoplasm (Fig. 2.9), suggesting that creep occurs at an increased rate for the softer nucleus under a
constant stress – which is observed in Fig. 2.3 C. As well, the relative viscosity of cells treated with
CytD was significantly lower than that of untreated cells, corresponding with increased strain (Fig.
2.8 A and 2.S3 C). In addition, comparing the ratio of off- and on-nucleus total strains (
) for
untreated and CytD treated cells reveals the importance of an intact actin cytoskeleton. In
untreated cells this ratio approaches ~1 whereas the loss of intact actin results in a decrease to 0.7.
This data demonstrates that the deformation of the membrane on and off the nucleus is very similar
suggesting that the nucleus does not play a major role in resisting deformation. Cells treated with
CytD clearly demonstrate that an intact actin cytoskeleton is required for resisting deformation.
More recently, poroelastic models have been used to describe relaxation of cells following
mechanical perturbation 181. The cytoplasm, which accounts for the majority of the cell volume, has
been shown to act as a biphasic material – with an elastic component comprised of the dense mesh
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of cytoskeletal filaments and proteins, interspersed with liquid cytosol. Moeendarbary et al. have
directly shown that the rate of cellular deformation, and recovery, is dependent on the
displacement of liquid through this mesh – which occurs on relatively short timescales 181. It was
directly demonstrated that by exposing HeLa cells to hypoosmotic and hyperosmotic media, they
increased and decreased cellular volume, respectively, which corresponded to a corresponding
increase and decrease in diffusion constants. Thus, increased cellular volume correlated with a more
rapid stress relaxation. This phenomenon is consistent with our results that demonstrate greater
strain on-nucleus, wherein the volume is much greater than the surrounding off-nuclear regions,
which react in a more viscous-like manner in comparison.
Following 10min of a 10nN constant applied force, we have shown that untreated cells are
compressed by approximately 50% (see Fig. 2.S3 C), which is consistent with a previous study that
examined the deformation of cells with a spherical AFM indenter (~40-50% for forces around 50nN)
291
. Remarkably, even with relatively large loads (20nN), applied constantly for 10min, the cell
membrane remains undamaged and rapidly recovers following removal of the AFM tip for the
majority of cells (80% of cells within 2min) (Fig. 2.2 E). Using cytoskeletal inhibitors (ML7, Y-27632,
CytD), we showed that total strains increased (Fig. 2.S3) and that cell recovery was highly
dependent on an intact actin cytoskeleton. Y-27632 and CytD treatments resulted in greater overall
deformation of the membrane during the 10min experiments (Fig. 2.8 A and B), as the cantilever
itself was shown to deform the cells (Fig. 2.8 D). This is appreciable considering that elasticity
measurements revealed a decrease in Young’s modulus values by > 20% due to actin destabilization
(Fig. 2.7). Elasticity measurements in the range of several kPa have been previously reported for
epithelial cells measured using a similar approach 53, 292, and decreases in cell stiffness have also
been noted previously when employing Y-27632 228 and CytD 167 to destabilize the actin network.
Others have reported Young’s modulus values within the range of 1-several kPa for epithelial cells 53,
54, 292
, and variances are expected due to various measurement and analysis techniques 55, 56. Upon
removal of the tip, recovery was not observed to occur as readily after 2min, compared to control
cells (50% and 20% for Y-27632 and CytD-treated cells, respectively). In some cases, particularly for
cells treated with CytD, the recovery was significantly impeded. These results demonstrate that
although an intact actin cytoskeleton is required for rapid membrane shape recovery, its absence
does not preclude a slow relaxation back to an initial state. This clearly indicates the importance of
cell shape – which has been shown previously to influence function and pathology 93, 262, 264, 293.
Inhibition of rho-kinase mediated contractility with Y-27632 has been shown to drastically
reduce the presence of actin fibres in HeLa cells (see Fig. 2.6 and 294), as well as reduce the elastic
modulus in a variety of cells 228, 295. Charras et al. have also shown that metaphase HeLa cells treated
with Y-27632 do not bleb when exposed to latrunculin, which induces blebbing in untreated cells,
due to the loss of acto-myosin contractility 271. Therefore, it is not surprising that the use of Y-27632
affects the ability of the cell to recover from large deformations. In a paper by Brzeska et al. 296 HeLa
cells transfected with RacQ61 were used to determine if active Rac results in increased activity of
kinases (PAK, ROCK, MLCK) and subsequently increased myosin light chain (MLC) phosphorylation
(p-MLC). Transfected cells were subjected to inhibitors of the aforementioned kinases (Tat-PAK, Y43

27632, and ML7, respectively). The researchers found that RacQ61 did increase p-MLC which was
co-localized with actin in fibres and peripheral bundles. Concentrations of 5μM and 10μM of ML7
had no effect on p-MLC of non-transfected HeLa and only a small decrease in RacQ61 transfected
cells; however, cells treated with 10μM of Y-27632 resulted in a significant reduction of p-MLC for
both non-transfected cells and those transfected with RacQ61 296. Furthermore, MLCK, as opposed
to ROCK, has been shown to have an insignificant effect on the velocity of cleavage furrow
contraction during cytokinesis of HeLa cells, as determined by inhibition with ML7 and Y-27632,
respectively 294. These results indicate that ROCK is the main kinase responsible for p-MLC in HeLa
cells, which explains why there was no observed effect of ML7 in our study, for either Young’s
modulus measurements or deformation response of these cells, in comparison to untreated HeLa.
From our observations, and others 50, 100, 252, 277, it is evident that the cytoskeleton provides
much of the necessary structural support required to maintain a cell’s preferred morphology.
Membrane tension, however, may be partially responsible for this observed recovery. Membrane
tension has been shown to play a role in cell motility 297 and morphological changes 298, 299, and is
also directly related to acto-myosin contractility 300, 301, however how tension affects whole-cell
mechanics remains largely unknown (reviewed in 302). In order to study the membrane’s role in the
time-dependent deformation response, the membrane-bound fluorescent labels WGA and DiD were
employed (Fig. 2.S1). By labelling the membrane with the lipophilic tracer DiD, membrane stiffness
was only nominally increased. Although lipophilic tracers insert themselves into the plasma
membrane through partitioning, it has been shown that their inclusion has little effect on
mechanical properties of the membrane 303. Measurements are difficult to reproduce, owing to
sensitivity of dye and cell concentration 304, as well as the occurrence of micro-environmental
contamination 305. In agreement with earlier studies 270, 271, incubation of cells with WGA
significantly increased the apparent membrane elasticity, as determined by AFM force-indentation
curves. Despite this increase in stiffness, WGA labelling led to a surprising increase in timedependent deformation (see Fig. 2.S2). The load applied here is highly localized, resulting in high
aspect ratio high magnitude deformations, and so it is possible that a stiffer membrane experiences
shearing effects rather than bending. Plasma membranes of erythrocytes have been shown to have
a low shear modulus 186 and a relatively high elastic modulus 185. Compression resistance for soft
membranes is supplied by the elastic modulus due to undulations as well as intermolecular
separation 272. Recently, caveolae have been shown to provide relief of the sudden onset of
increased tension – by increasing the surface area of the membrane 187, 188. It is probable that WGA
lectin binding to the outer surface of the membrane reduces intermolecular separation and
supresses these undulations and the ability to relieve tension by increases in surface area. Sterollipid interactions and their ordering also plays a role in membrane stiffness and bending rigidities
306
, and so it is not surprising that binding to the outer membrane surface will also change its
mechanical properties.
The plasma membrane offers little resistance to changes in shape 307, as observed here by
prominent deformations that conform to the AFM probe (Fig. 2.8 B). Importantly, applied forces do
not result in membrane damage as confirmed by PI tests (Fig. 2.4 A-D) and as seen by the EGFP
44

outlining the AFM tip during indentation (Fig. 2.1 C) 49. Although not measured directly here, cells
conserve their volume during these high aspect ratio deformations, as indicated by a return to initial
cell height in most cases (80%) of untreated cell recovery without changes in basal membrane area,
which is in agreement with volume conservation observed by others during mechanical deformation
228, 291, 308
. Prior research reports a range of force magnitudes which lead to puncturing of lipid
bilayers in vitro 177, 219, 309, Break-through force was shown to be linearly proportional to the
logarithm of the approach speed using model bi-layers on solid substrates 310. Microinjection has
been demonstrated in vitro with the use of carbon nanotube tips 311, but with less success using
pyramidal tips 177. A jump in the force-distance measurements made during tip indentation has been
proposed to be correlated to a penetration of the lipid bilayer, and have been shown on solidsupported lipid bilayers as well as with eukaryotic cells 310. Despite the success of membrane
penetration with high aspect ratio tips, others have noted that standard conical tips, in opposition
to sharp tips (such as carbon nanotubes), result in a gradual force increase upon tip-sample contact
308, 312
. This suggests that the membrane is deformed through bending and stretching around the tip
when the applied force is distributed over a larger contact area. In our deformation experiments the
force magnitude is quite large; however the surface area over which it is transmitted is also
relatively large. Theoretical models propose that isotropic membrane tension distributes the highly
localized load of the AFM tip radially 194. These large deformations (without puncturing) of the
plasma membrane support the idea of lipid recruitment – and possibly lipid trafficking, in order to
maintain membrane integrity 313. Long and short-range trafficking of lipids has been shown to occur
along microtubules and actin filaments, respectively 314, thus if these filamentous networks are
disrupted, membrane recovery may be delayed, which may explain the slow recovery observed with
Y-27632 and CytD treatments.
The ability of the membrane to recover within a relatively short period of time (2min) could be
influenced by a number of factors including surrounding intracellular components such as other
cytoskeletal networks, or the nucleus, as well as mechanical regulators such as osmotic pressure.
Filamentous networks such as microtubules, which are known to influence cell polarity and nuclear
positioning 103, 315, may be partially responsible for the recovery response of the membrane.
Intracellular organization has also been partially implicated to be the result of dynamic remodelling
of intermediate filaments 316, 317, and so they too may influence the response to a local perturbation.
Connectivity with microtubule and actin networks, via molecular motors such as kinesin and
cytoplasmic dynein, links intermediate filaments with the response to any local deformation of
either of these networks. Although we did not specifically address the role of microtubules or
intermediate filaments here, it is clear that they must provide partial resistance to deformation, as
they are tethered to both the actin network and membrane. As well, non-equilibrium hydrostatic
pressure, caused by mechanical perturbation, has been shown in vitro to induce membrane
blebbing in embryonic stem cells 101. Considering that there were no observed adhesive interactions
between the cell and membrane, as observed by measured AFM force-curves here, it is unlikely that
adhesion to the retracting tip is the driving force behind the observed recovery. Osmotic driven
pressure seems to be a likely candidate in the initiation of the recovery process.
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Besides the role of filamentous networks and cellular pressure, the nucleus has been shown to
play an important role in mechanotransduction 126, 318. Extracellular forces are transmitted to the
nucleus via the cytoskeleton, through the Linker of Nucleoskeleton and Cytoskeleton (LINC)
complex, which involves proteins that connect the inner and outer nuclear membrane to the
surrounding cytoskeleton 125. Disruption of this complex is known to result in diseased pathologies
and has been shown to result in loss of cellular stiffness 319. Considering that the nucleus has been
previously shown to be the stiffest cellular component 320, its presence in relation to a local
mechanical load should be quite significant. Here, mechanical loads were locally applied above the
cell’s nucleus, and we hypothesized that the membrane recovery, following deformation, was
largely attributed to that of the underlying nucleus. Although the nucleus was also deformed during
the 10 minutes of sustained deformation, it was also observed to recover along with the membrane,
as shown by a reduction in its deformation after 2 minutes following removal of the AFM tip (Fig.
2.2 C). By repeating the experiment off-nucleus (Fig. 2.3 A), we showed that the surrounding
cytoplasm resulted in less creeping behaviour over time (Fig. 2.3 C and D). AFM force-maps showed
that the nuclear regions are 2-3 times softer than the surrounding cytoplasmic regions (Fig. 2.3 B), in
agreement with Yokokawa et al. 199. Although a softer nucleus seems contrary to predominant
reports of stiff nuclei 320-322, others have also noted stiffer cytoplasmic regions 269, 323, 324. A stiff
surrounding cytoplasm is likely due to higher density of cytoskeletal filaments 183, 269, 325, which
corresponds with a decrease in normalized deformation (compressive strain) (Fig. 2.3 C) and
increased relative viscosity (see Fig. 2.9, and 2.S3). Again, we observed rapid membrane
deformation recovery within 2 minutes following removal of the tip in ~90% of cells, indicating that
the cell can recover independently of the nucleus.
Local control of cell morphology has been proposed as a fundamental mechanism for
regulation of tissue development 156, and so one would expect that neighbouring cells will influence
one another. By performing the experiment (10nN for 10min) on single cells we unexpectedly
demonstrated that there was no significant difference in overall deformation, in comparison to cells
within a monolayer (Fig. 2.5 B). Although there appears to be no clear mechanical influence arising
from cell density, there are several examples where a local deformation has been shown to induce
biochemical effects in cells adjacent to the perturbation 50, 93, 262, 264, 293. For example, mechanical
stimulation has been shown to induce calcium signalling between cells 50. Despite the lack of an
observed influence of cell-cell contact on the total deformation by the AFM tip, we note that within
a monolayer of cells there was often a clear transmission of force to neighbouring cells. Cell-cell
contact may not provide enough structural influence to effect localized deformations, however it is
clear from the results of others that these loads can lead to the onset of downstream intra-cellular
biochemical signalling. Moreover, deformations taking place over much larger length scales (wholecell) may be more significantly influenced by the presence of an intact cell monolayer.
Complete actin remodelling has been shown to occur within ~1 minute in vitro 326, therefore it
is also reasonable to postulate this process as a driving force behind the observed cell shape
recovery. However, a small percentage of cells treated with Y-27632 (50%) and CytD (20%), wherein
actin polymerization is clearly inhibited (Fig. 2.7), still recover following prolonged deformation,
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making it unlikely that the recovery process is related to remodelling of the actin cortex. By imaging
in the plane of the basal membrane, during application of the applied load, we were also able to
visualize any changes in the orientation and morphology of actin stress fibres (Fig. 2.6 D). In some
cases we observed some minor actin stress fibre reorientation and remodelling over the 10min
perturbation, but no clear differences were observed in contrast to our previous work on single
fibroblast cells 15. In previous studies, the actin cytoskeleton has been observed to fluidize in
response to planar uniaxial stretch 90-92. This type of response was not observed here, at least within
the time frame of loading in our experiment. However, obviously the mechanical stimulus in this
study is clearly very different than planar stretching. In some cases, we did observe a slight cellular
contraction following removal of the load, which corresponds with previous works demonstrating
that actin contractility occurs in response to an external mechanical load 93. When examining the
actin cortex, we also did not observe any quantifiable changes in fluorescence intensity and
distribution. However, this certainly does not rule out the possibility of force-induced actin
remodelling as imaging these structures is beyond the capabilities of a standard LSCM.
Although the membrane itself plays a role in the organization of actin filaments in vitro, it has
become evident that the interplay between the actin cytoskeleton and plasma membrane governs
their respective organization 98, 265, 327. In particular, the plasma membrane has been shown to
influence the local organization of actin at the cell periphery 264, 265. Conversely, the cortex, acting as
the primary junction between the inner and outer microenvironments, has been shown to enable
rapid changes in cell shape, in response to mechanical stresses exerted on, or by, the cell 100, 266, 267.
The link between the membrane and actin cortex has been shown to influence both cellular
function and form 100, 101, 184, and is important for cell shape recovery. For example, in skeletal
muscle the basal lamina is directly linked to the cell membrane through transmembrane proteins.
Han et al. have shown that dystroglycan, one of these proteins that link the basal lamina to the
sarcolemma (underlying sarcomere structure) is a key player in maintaining membrane integrity
during stretching motions 268. By irradiating a region of damage into intact muscle fibres in situ, they
demonstrated that although the membrane was able to repair itself in roughly 2min, the integrity of
the membrane was disrupted with a lack of dystroglycan connecting the basal lamina. Other
proteins such as the Ezrin-Radixin-Moesin family have also proved critical in maintaining cell shape
and function 98. Sub-cellular structures such as microvilli, which are prevalent in HeLa, and whose
constituents include the plasma membrane and links to the cytoskeleton may also play a role in
resisting deformations 328, albeit smaller deformations in comparison to those applied here.
Research has shown that disrupting this link alters the mechanics of these elastic-like filamentous
structures, and viscosity of the microvilli are reduced 329.
In this study, by deforming HeLa cells with high aspect ratio, high magnitude forces, we were
able to demonstrate that the membrane strongly resists penetration, and that the cytoplasm,
consisting of an intact actin network, is primarily responsible for the recovery of cells postperturbation. Importantly, we demonstrated that the nucleus, which contributes to a large portion
of the volume of the cell, is comparatively soft in regard to off-nucleus regions, non-resistant to
deformation, and does not aid in cell shape recovery. Indeed, here we have directly shown
47

through direct visual measurements that the cortex allows the cell to recover from large-scale
external perturbations. Without an intact cytoskeleton cells attempt to recover pre-deformed
morphology – albeit more slowly. It is becoming increasingly evident that the link between these
two major cellular components is quite important in any mechanotransduction process. Future
studies disrupting this link, while characterizing cellular responses to deformation will shed more
light into these crucial recovery processes.

2.5 Materials and methods
2.5.1 Cell culture
HeLa cells were cultured at 37°C and 5% CO2 in DMEM with 10% heat inactivated fetal bovine serum
and 1% penicillin (100 IU/mL), streptomycin (100 1g/mL) (Hyclone). Cells were cultured on 100mm
dishes (Corning) and seeded onto 35mm glass bottom dishes (Mat Tek) in 2.5ml of culture media.

2.5.2 Plasmids and transfections
HeLa cells were cultured on 35mm glass bottom dishes (Mat Tek) to ~60% confluency before
transfections. Plasmids for the PH domain of PLC-δ conjugated to EGFP and LifeAct-Ruby have been
described previously 196, 278. Transfections were performed using a 1:1 ratio of Lipofectamine 2000
(Invitrogen) and ~0.6µg of plasmid DNA diluted in OptiMEM (Invitrogen). The transfection complex
was completely removed and replaced with culture medium 45min later. Experiments were
performed the following day. Immediately prior to the experiment, Hoechst 33342 (Invitrogen) was
used to stain the HeLa DNA, according to manufacturer specifications.

2.5.3 Drug treatments
Cells were pre-treated for 30min prior to an experiment with either the rho-kinase inhibitor Y-27632
(10µM, Sigma) or for 15min with the myosin light chain kinase inhibitor ML7 (30µM, Sigma). In
other experiments cells were pre-treated for 15min with the actin destabilizing drug Cytochalasin-D
(10µM, Sigma). All cells were pre-treated in a cell culture incubator at 37°C and 5% CO2 immediately
before experiments.

2.5.4 Membrane integrity test
Propidium Iodide (PI) nucleic acid dye (Invitrogen) was used to determine membrane integrity after
deformation with the AFM tip. PI was mixed in DMEM (1:500) and added to the cells. 0.5% Triton X100 (1:10) was added to the dish following imaging to deliberately destabilize the membrane as a
positive control.

2.5.5 Membrane labelling
Membrane-bound dyes wheat germ agglutinin (WGA) (Invitrogen), and a long-chain dialkyl
carbocyanine dye (DiD 700nm) (Invitrogen) were separately added to untreated HeLa in an attempt
to stiffen the plasma membrane. WGA is a lectin that binds to N-acetyl-D-glucosamine and sialic
acid, it is conjugated to Texas Red-X (595nm) and so produces a bright red fluorescent signal of the
membrane when incubated with untreated HeLa cells. A ratio of 1:300 of 1 mg/ml WGA was added
to DMEM before performing the experiment. Approximately 0.2% DiD total volume was added to
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HBSS containing 5% 0.5M Ca2+ and 10% 0.5M MgCl2 and incubated with untreated HeLa for 15min,
followed by a change of HBSS prior to the experiment.

2.5.6 Immunofluorescence Staining
Cells were fixed using 3.5% paraformaldehyde and permeabilized using Triton X-100 at 37°C. Cells
were stained for actin using Phalloidin Alexa Fluor 488 (Invitrogen), and DNA using DAPI
(Invitrogen). Confocal microscopy images were acquired for untreated and drug-treated cells.

2.5.7 Combined Atomic Force and Confocal Microscopy
Images of living cells were acquired with the Nikon TiE A1-R high-speed resonant laser scanning
confocal microscope (LSCM) using a 60x/NA1.2 water immersion objective lens. A NanoWizard II
(JPK Instruments) AFM was integrated with the LSCM to perform simultaneous AFM-LSCM
experiments. All membrane deformation experiments were performed in resonant mode.
Experiments imaging of actin stress fibres deformation were performed in galvano mode. The
thermal fluctuation method 330 was used to determine cantilever spring constants which had an
average value of 0.07 ± 0.03N/m. MSCT-AUHW Gold coated silicon nitride cantilevers were used in
all experiments (Veeco). Cell elasticity was determined by recording force-curves centered above
the nucleus. The Hertz model for a conical tip (200nm indentations) was fit to the force-distance
curves 331, in order to derive the local Young’s modulus of the cell membrane (PUNIAS Software) 332.
Force-maps over entire cells (untreated HeLa only) were performed and analyzed using JPKSPM
Data Processing software. A scan area of 32x32μm (1μm:1pixel) was probed with an approach rate
of 2Hz and speed of 10μm/s for a relative set-point of 1nN. For AFM indentation experiments, we
performed 4D imaging by acquiring confocal volumes every minute (each volume consisted of ~30
confocal planes, each 0.5m thick). Appropriate laser lines and filter sets were employed for each
fluorophore. Immediately following the first confocal volume at t=0 (before indentation), the AFM
tip was brought into contact with the cell membrane, centred above the nucleus, and a constant
force was applied (5nN, 10nN, or 20nN) for an additional 10min. Following the 10min of applied
force, the tip was retracted and the cell membrane was allowed to recover and a final confocal
volume was captured. Local elasticity measurements were made before and after indentation
experiments.

2.5.8 Image analysis
ImageJ (open-source image processing software, http://rsbweb.nih.gov/ij/) was used for all analysis.
The deformation of the plasma membrane was calculated by calculating the AFM tip indentation
observed in the orthogonal views of each confocal volume, at each time point. Brightness and
contrast settings were adjusted in order to optimize images of live and fixed cells. No other image
manipulations were performed. In order to quantify the recovery of the plasma membrane and
underlying actin cortex we used an ImageJ plugin - Intensity correlation analysis (ICA) 273. Detailed
methods for ICA can be found in the Supplement (Ch. 2.7.2).
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2.5.9 Statistical analysis
Statistics were calculated using two sample t-tests, and a one way ANOVA with post-tests including
Levene’s test for equal variance, and a means comparison test using the Tukey method. All
significance indicates P < 0.05.
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2.7 Supplementary Methods
2.7.1 Analysis of time-dependent strain using Kelvin-Voigt model
By deforming the cell with a constant force of 10nN for 10min, we observed the creeping
deformation of the cell membrane over time. In an attempt to obtain the creeping rate of
membrane deformation, for untreated, treated, and off-nucleus loading, plots of time-dependent
strain, as shown in Fig. 2.2A, 2.3B(i), 2.5B, 2.8A, 2.9A, were fit to the Kelvin-Voigt model for a
constant applied stress:
( )

⁄

(

)

[2.1]

where ( ) is the strain as a function of time ( ), and is defined as the ratio of the deformation
⁄ , where
( ) versus initial height ( ). The constant applied stress ( ) is defined as:
is the 10 nN applied force, and A is the contact area between the pyramidal tip and the cell’s
membrane. The creeping rate ( ) of the membrane is defined as a function of viscosity ( ), and
⁄ .
Young’s modulus ( ), as:
In order to fit the ( ) function to each dataset, the corresponding elastic modulus was used
from fits of force-indentation curves to the Hertz model as described previously 196. The contact
area ( ) was calculated for each dataset by substitution of the measured values for strain at the
limit where
approaches infinity (assumed to be at t=10 minutes here), and using the
approximation:
(

)

[2.2]

This resulted in values in the range of ~6μm2, which is consistent with approximations of tip volume
based on manufacturer-based nominal geometry (see Methods for cantilever details). By applying
a constant stress to a Kelvin-Voigt material the deformation tends toward that of a pure elastic
⁄ . An example of the fit of one plot for an untreated cell is found
material, i.e.
below:
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2.7.2 Co-localization analysis of membrane and cortex intensities
In order to quantify the recovery of the plasma membrane and underlying actin cortex we used an
ImageJ plugin – Intensity Correlation Analysis (ICA) developed by Li et al. 273. In this particular ICA,
the mean intensity for a particular image A is subtracted from each pixel
and multiplied by the
corresponding difference in pixel intensities from a second image B. This is called the product of the
difference of the means (PDM):
∑ (

)(

)

[2.3]

If the sum of this product is greater than 0, then the correlation is positive. A ratio of the number of
positively correlated pixels to the total number of pixels was used to define the maximum intensity
correlation quotient (ICQ):
∑ (

)(

)

[2.4]

The maximum ICQ is +0.5, for a perfect correlation between image pixel intensities, in comparison
with random pixel correlation having ICQ=~0, and completely isolated pixels with ICQ= -0.5.
In order to compare recovery images (t=12min – 2min following tip retraction) to initial cell
morphology (t=0), orthogonal projections of both the YZ and XZ axes were generated. For
comparison we also performed ICA on orthogonal projections from deformation images (t=10 min
of 10nN) to initial cell morphology (t=0). It is expected that ICA on the latter will result in a lower
ICQ than that resulting from the recovery images. We performed ICA after thresh-holding the
images using the ImageJ plugin BG subtract. ICA was performed on whole cell orthogonal
projections initially, however results showed no increase in ICQ for recovery images. This is due to
the dynamic nature of the whole-cell membrane. For this reason a region of interest (ROI) was
chosen to encompass the deformation and ICA was again performed. An example of ICA output is
shown below:
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Overlays of before (red) and after (green) are shown in (A), and corresponding ICQ are plotted in (B)
for both deformed and recovery images (ICA performed with initial t=0 images) Scale is from ICQ of 0.42 to + 0.42 (perfect correlation would be 0.5). Heat maps of positively correlated pixels are
shown in (C), where dark → light is representative of more highly correlated regions.

2.8 Supplementary Tables
Table 2.S1. Mechanical parameters from fitting of Kelvin-Voigt model.
(

)

(

)

(

)

Untreated (off-nucleus)

3.40 ± 1.31

1.80 ± 0.93

6.13 ± 3.15*

Untreated (on-nucleus)

3.40 ± 1.31

1.16 ± 0.43

3.94 ± 1.46

ML7 (on-nucleus)

3.99 ± 2.24

1.07 ± 0.54

4.29 ± 2.18

Y-27632 (on-nucleus)

2.80 ± 1.29

1.17 ± 0.53

3.29 ± 1.49

CytD (on-nucleus)

2.53 ± 1.02

1.08 ± 0.37

2.70 ± 0.94*

Below are the various parameters obtained from AFM force-indentation curve fitting - Young’s modulus( ),
and from fits of time-dependent strain data to the Kelvin-Voigt model: the time constant ( ) (or creeping
rate), and viscosity ( ). Measured
values from untreated HeLa were used to quantify
and
for both
off-nucleus and the cortex, since on and off-nucleus AFM force-curve measurements were insignificantly
different. Magnitudes reported here are not realistic and should not be strictly considered, however relative
values of viscosity provide more insight into mechanical characteristics of these varied cell populations. It has
55
been shown that increased stiffness is a result of high frequency of loading . Herein, over-estimation of
Young’s moduli is likely, and resultant from the rate at which force-curve measurements were made (10μm/s).
This over-estimation would directly impact the fits to the model and subsequent obtained viscosities. Others
have fit the time-dependent Hertz model to the stress-relaxation phase of AFM indentation curves, thus
168
deriving mechanical parameters from the standard linear model . Parameters from these models often
168, 196, 280, 281
report values that are much higher in magnitude (viscosities range from 100-1000s of Pa·s)
than
282
they intuitively should be; honey, for example is in the range of ~0.1-10s of Pa·s . The (*) indicates
significance in comparison to untreated (on-nucleus) HeLa determined by independent students’ t-tests (P <
0.05).
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2.9 Supplementary Figures

Figure 2.S1 Membrane-bound dyes used to increase tension.
A) DiD, a lipophilic tracer incubated with HeLa cells transiently expressing EGFP-PLC-δ is shown at t=10min of
10nN constant force. B) HeLa membranes labeled with wheat germ agglutinin (WGA), a lectin that binds to
sialic acid and N-acetyl-D-glucosamine is shown. Scale bars are 10μm for both images in XY axes, and 5μm in
orthogonal projections.

Figure 2.S2. Effect of membrane dyes on axial strain.
Time-dependent strain in untreated HeLa (orange) are compared to cells labelled with fluorescent membrane
markers: Did (green), and WGA (magenta). Total time-dependent deformation-height ratios of WGA labelled
membranes were significantly increased in comparison to untreated HeLa.
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Figure 2.S3. Comparison of nuclear and cytoplasmic regions.
A) Plot of on-nucleus (green) and off-nucleus (blue) measurements of mean cell height. There were no
significant differences between heights measured on-nucleus for untreated (n=38) and treated cells: ML7
(n=11), Y-27632 (n=19), CytD (n=8). No significant difference was apparent for off-nucleus loading of
untreated (n=21) with ML7 (n=10) and CytD (n=10), however there was a difference with Y-27632 (n=11),
indicated by (++). Significant differences (*) exist between on- and off-nucleus loading between groups, as
shown. B) Plot of total deformation at t=10 minutes of 10nN applied load. Significant difference between onand off-nucleus loading is indicated by (*). The total deformation for cells treated with Y-27632 and CytD were
significantly increased in comparison to untreated cells, as indicated (+), and off-nucleus Y-27632-treated cells
(++) compared to untreated. C) Plot of total deformation:height ratios (aprroximate strain at t=10 min) shows
that on- and off-nucleus strains are significantly different when cells are treated with cytoskeletal inhibitors
(*). On-nucleus strains are significant from untreated HeLa are indicated by (+), and off-nucleus ML7 strains
are also signficant from off-nucleus untreated strains (++). Error bars shown are standard deviation.
Significance (*) determined by student’s t-test; (+) and (++) determined by ANOVA followed by Levene’s equal
variance, and means comparison using Tukey test.
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I, Kristina Haase, contributed towards the majority of the work including: cell culture, atomic force
microscopy methods, image acquisition using confocal microscopy techniques, data and statistical
analysis. I prepared the first draft and completed subsequent revisions.
The format of the manuscript has been modified for formatting purposes.

Motivation |
We demonstrated in the previous study that the actin cortex, not the cell’s nucleus, is largely
responsible for resistance-to and recovery-from large scale deformations. Microtubules have also
been proposed to resist compression, however it is unknown whether they can withstand large
localized forces or aid in the cell shape recovery process following unloading.

Hypothesis & Objectives |
This manuscript provides an overview and commentary on our previous manuscript, and introduces
new results involving the characterization of microtubules in cellular deformation and recovery
responses. We hypothesized that inhibition of microtubule polymerization would lead to
significantly increased cellular deformations and a potential decrease in cell shape recovery.

55

3 | The role of the actin cortex in maintaining cell shape
3.1 Abstract
Considering that the plasma membrane is host to a variety of mechanical cues in vivo, and the actin
cortex is known to support cell shape, it comes as no surprise that the paired membrane-cortex
plays a major role in cellular responses to deformation. In a recent study, we applied highly localized
forces to HeLa cells in order to examine the deformation response of the membrane and cortex.
Direct visualization of the deformation in the loading plane allowed for the characterization of the
observed time-dependent strain. Despite large magnitude and long duration loading regimes, the
majority of cells recovered their initial pre-deformed morphology within ~2min. Unexpectedly,
perturbed regions above large-volume nuclei were shown to be quite soft and had negligible
influence on morphological recovery. The resistance to deformation and ability to recover was
found to be largely influenced by the actin network, and dependent upon rho-kinase mediated
contractility.

3.2 Short communication
Mechanical cues are well-known to influence a variety of cellular functions and processes.5, 7, 157 Key
players such as the extracellular matrix, cytoskeleton and membrane play a concerted response to
mechanical perturbations and numerous studies aim to characterize their roles in
mechanotransduction and mechanosensitivity.32 The cytoskeleton is well known as the structural
edifice of the cell. Actin, in particular, responds dynamically to mechanical deformation by
remodelling within a short period of time.333 This structurally supportive network must act together
with the flexible plasma membrane to resist deformations and also transmit extracellular forces
throughout the cell.15 Deformation of the membrane leads to chemical rearrangements, protein
activation, and intracellular signalling events.245, 264, 265, 267, 277, 334 Moreover, the membrane is linked
to the actin cortex, and this membrane-cortex structure plays a major role in governing the
mechanical properties of the cell.100, 101 The cortex also plays a key role in controlling cell shape
during processes such as mitosis and migration.98, 100 The mechanical properties of these two linked
cellular constituents clearly influence one another and influence how cells respond to external
forces.
In this light, we recently published a study that examined time-dependent deformation of the
membrane and cortex of HeLa cells, which we review here (Fig. 3.1).335 By applying precise
nanonewton forces using an atomic force microscope (AFM) while employing laser scanning
confocal microscopy (LSCM), we simultaneously probed and directly visualized the deformation of
these cells. The AFM tip was positioned over the center of the nucleus (Fig. 3.1 A), and forces of 520nN were applied to the cells for 10 minutes (Fig. 3.1 B). We observed a viscoelastic cellular
response with creeping deformation that demonstrated a linear dependence on force magnitude
for the range applied (Fig. 3.1 B inset). Notably, the majority of cells (80%) recovered at least 50% of
their total deformation within 2 minutes following loading, most recovered fully (Figs. 3.1 A, 3.2 C).
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In addition, deformation of the actin cortex was shown to follow that of the membrane, with the
majority of the response occurring immediately, and creeping deformation observable during the
remainder of loading (Fig. 3.1 B). Although no significant remodelling of F-actin stress fibres was
observed in the basal membrane, we cannot rule out possible remodelling of the cortex during or
following the deformation.333

Figure 3.1 Membrane and cytoskeletal recovery following mechanical perturbation.
A) Both the plasma membrane and underlying cortical actin network recover following mechanical
perturbation. Orthogonal YZ images show the undeformed cell height (h o) prior to deformation (t=0), the
deformation (d) after 10min of 10nN applied force (t=10min), and the recovered morphology following the
removal of the tip (t=12 – 2 min following loading). This is an example of one particular cell that shows inexcess of 50% of cell deformation, but does not reflect the average value of normalized deformation seen in
(B). (*) indicates AFM tip position. Green: PH-PLC-δ-EGFP (membrane), Red: LifeAct Ruby (actin cortex), Blue:
Hoescht-33342 (nucleus). Scale bars shown are 10μm. B) Deformation: height ratio (d/h o) demonstrates
creeping behaviour of cell deformation over time. Normalized deformation of the membrane (black) versus
actin cortex (red) here shows that the linked cellular components deform simultaneously. Error bars shown
are standard error. Inset shows the linear dependence of time-dependent deformation, ε(t) or strain here, on
force magnitude for the range tested (5, 10, and 20nN). Error bars for inset are standard deviation. Figure
335
adapted from reference .
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Figure 3.2 Resistance to deformation is dependent on the cytoskeleton.
A) Deformation: height ratios over time comparing untreated HeLa (orange) to cells treated with ML7 (black),
Y-27632 (magenta), and CytD (green). Cells treated with Y-27632 and CytD deformed significantly more than
untreated cells. B) Viscosity ratios derived from Kelvin-Voigt fits of time-dependent strain. Shown are the
viscosities of treated cells relative to untreated cells (above the nucleus), as well as the cytoplasmic regions
relative to the nuclear region (both untreated). The cytoplasmic regions are more viscous than the nuclear
regions, suggesting that they are densely packed with cytoskeletal filaments. As well, cells treated with CytD
are significantly less viscous than untreated cells, indicating that the actin cytoskeleton is mainly responsible
for resistance to deformation. Error bars are standard error. (*) indicates P < 0.05 significance compared to
on-nucleus results as determined by a t-test. C) Image overlay of untreated HeLa cells during (after 10mins of
10nN) (green) and prior-to deformation (red). D) Image overlay of CytD-treated HeLa cell during (green) and
prior-to deformation (red). The deformation is much more pronounced in comparison to untreated cells.
335
Figure adapted from reference .

A test for membrane permeation clearly demonstrated that cells were deformed rather than
penetrated from pointed loads.335 We speculated that the large-volume nucleus may play a role in
the observed recovery. To test this hypothesis, the same experiment was performed in regions
surrounding the nucleus. Surprisingly, cells perturbed in cytoplasmic regions also recovered (80%).
AFM force-maps presented in our previous publication demonstrate that regions above nuclei are
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softer than peripheral regions, corresponding to their minimal resistance to deformation.335 In those
experiments, force curves were analysed over a 200nm indentation in order to isolate the
mechanical properties of the cortex and closely underlying nucleus while minimizing substrate
effects. Although nuclei are often reported as the stiffest cellular organelle,320-322 others
demonstrate stiffer cytoplasmic regions, consistent with our observations, that likely arise due to an
abundance of cytoskeletal filaments in these regions.269, 323, 324 However, our observation is limited
to the mechanical properties in a shallow region under the membrane. Young’s modulus
measurements performed with deeper indentation will sample different mechanical properties.336
Subsequently, a variety of cytoskeletal inhibitors were employed to examine the role of the
cytoskeleton in the deformation/recovery response. Cells were pre-treated with ML7, an inhibitor of
myosin light chain kinase (MLCK), Y-27632 an inhibitor of rho-kinase (ROCK), and the known actin
depolymerizer Cytochalasin D (CytD). ML7 treatment resulted in no noticeable morphological
changes; however, the actin network was partially or completely disrupted by the presence of Y27632 and CytD, respectively. AFM force-curves (fit to the Hertz model)331 demonstrated a
significant decrease (~20%) in stiffness for cells treated with Y-27632 and CytD, in comparison to
untreated cells. Reduced stiffness of Y-27632- and CytD-treated cells corresponds with the loss of an
intact actin network, and resulted in increased deformation (Fig. 3.2 A). Moreover, cells treated with
ML7 displayed a recovery consistent with untreated cells (90%), whereas those treated with Y27632 and CytD resulted in only 50% and 20% of cells recovering, respectively. The experimental
observed time-dependent membrane deformation data was fit with a simple Kelvin-Voigt model
using experimentally determined values for Young’s modulus in order to implicitly calculate the
viscosity of these cells (Fig. 3.2 B) (see ref. 335 for experimental details). Although there are
limitations to this simple model, by comparing viscosity values it was possible to determine that
nuclear regions appeared less viscous than surrounding regions, again suggesting the cytoplasm
consists of densely packed cytoskeletal filaments resistant to deformation. Moreover, CytD-treated
cells were significantly less-viscous than untreated cells, and resulted in permanent damage (Fig. 3.2
D), unlike untreated cells (Fig. 3.2 C).
Following up on the results in our previous study,335 here we report on the role of microtubules
(MTs) in governing cortex deformation in HeLa cells by employing Nocodazole (Noco), a known MT
inhibitor. As before, a 10nN force was applied above the cell’s nucleus for 10 minutes (Fig. 3.3A).
Although MTs were disrupted (Fig. 3.3B), there was neither a significant change in stiffness or
deformation, in comparison to untreated cells. We observed 80% recovery of Noco-treated cells,
with the majority recovering within 2 minutes. Both, our recent study,335 and the complimentary
results shown here demonstrate that actin plays a dominant role in providing mechanical resistance
to deformation, for HeLa cells.
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Figure 3.3 Microtubules are not essential for resisting deformation.
A) Deformation: height ratios over time comparing untreated HeLa (black) to cells treated with Nocodazole
(red). Cells were treated with 10mM Noco for 15 min prior to experimentation. Although the average creeping
deformation increased from d/ho=0.54 for untreated HeLas (n=26) to d/ho=0.61 for Noco-treated cells (n=10)
at t=10min of deformation, the increase was insignificant (P > 0.17). This result suggests that the actin
network, particularly the cortex, is the key influential cytoskeletal network responsible for the resistance to
deformation. Error bars shown are standard error. B) Immunofluorescent images comparing untreated HeLa
to those treated with Noco. Treatment with Noco disrupts the MTs, while leaving the actin network intact.
Red: Alexa fluor 564 (actin), Green: Phalloidin (MTs), Blue: DAPI (DNA). Scale bars are 10μm.

Altogether, our results demonstrated that the membrane and cortex deform in a unified timedependent manner, exhibiting near full-recovery within minutes following load-cessation.335
Surprisingly, large-volume nuclear regions were observed to be highly deformable and do not
appear to play a role in cell-shape recovery. This is possibly due to HeLas being a cancerous cell
type. AFM force-curves have previously demonstrated that cancer cells and cancer cell nuclei tend
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to be more deformable than benign cells.171, 337-339 Moreover, considering that a small number
(~20%) of CytD-treated cells recovered, actin cannot be the sole initiator of cell shape recovery. It is
possible that movement of the cytosol, sub-cellular structure and the dense filamentous networks
may also contribute to the observed recovery, in correlation with recently proposed poroelastic
models.181 Future studies that characterize the time-dependent mechanical deformations of a
variety of sub-cellular structures in multiple cell types will provide further insight into these
mechanical responses.
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This scientific manuscript is in preparation for submission (prepared format for Nature Materials).
I, Kristina Haase, contributed towards the majority of the work including: cell culture, atomic force
microscopy methods, image acquisition using confocal microscopy techniques, data and statistical
analysis. I prepared the first draft and completed subsequent revisions to date.
Dr. Tyler Shendruk developed, programmed, and implemented the theoretical model.

Motivation |
We have shown in previous chapters that HeLa cells are able to recover their pre-deformed shape
following large local deformations within minutes. While others have also shown that cells can
recover shape, there is little information pertaining to their recovery processes. Recently, the flow
of liquid cytosol has been proposed to contribute to force relaxation.

Hypothesis & Objectives |
The main objective of this manuscript is to identify cellular components involved in observed cellshape recovery processes. We postulated that the actin cytoskeleton, not microtubules, as well as
osmotic pressure likely play key roles in the recovery process. Direct visualization methods are
employed to systematically characterize deformations of the plasma membrane and the underlying
cortex.
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4 | Rapid dynamics of the membrane and actin cortex in response to local
deformations
4.1 Abstract
It is vital that cells respond rapidly to mechanical cues within their microenvironment. This timedependent adaptation is reliant upon the mechanical properties of a cell’s highly interconnected
cytoskeletal network. The actomyosin cortex in particular plays a dominant role in resistance to, and
recovery from deformations. As well, redistribution of liquid cytosol within the cell has been shown
to relieve intracellular pressure during compression. Herein, we induce large local cellular
deformations using an AFM tip in order to observe the immediate recovery response of cells
following both short and long durations of loading. By imaging within the plane of the deformed
membrane and cortex, we were able to both observe and characterize their immediate response to
unloading. Cells exposed to cytoskeletal destabilizers as well as osmotic shock conditions,
demonstrated the major contributions of actin and fluid flow in the dynamic recovery of cells
following large localized cellular shape changes.

4.2 Introduction
The morphological state of a cell is in a continual state of flux, a consequence of normal cellular
functions and physiological processes. These cellular shape changes are at times drastic, and
typically result from actomyosin generated forces, or those arising from the extracellular
microenvironment 61, 340. Cells respond to these forces by adapting in a time-dependent manner 41,
the response of which depends on the rate and duration of applied force 61, 138, as well as the
mechanical properties of the cell. Both elastic 56 and viscous 179, 341, 342 cellular behaviours have been
observed using direct deformation techniques, such as atomic force microscopy (AFM) 15, 174, 222, 343,
344
. Cantilever deflections during constant-height or constant-force experiments result in
measureable stress-relaxation and creep compliance curves, respectively 182, 279, 280, 345. Simple
mechanical models, including the Kelvin-Voigt and the standard linear model 279, as well as more
complex models including power-law and soft-glassy rheology 180, 346 are often employed to extract
these mechanical properties. Often, broad assumptions, such as cellular incompressibility 347, are
considered in order for these models to fit the data. Given their complex behaviour, it is unclear if
an all-encompassing cell mechanics model can be defined. Investigations involving systematic
characterization of cellular shape change, alongside mechanical properties, are vital to assess the
mechanisms involved in key regulatory cell behaviours.
Actin is primarily responsible for resistance to and recovery from large-scale deformations 348.
However, cells have been shown to slowly adapt without an intact actin network, following largescale force application 348. This slower recovery is hypothesized to be a result of interstitial fluid flow
181, 348
. It is this cooperative behaviour of cytoplasmic and cytoskeletal constituents and their
individual mechanical properties which dictate the extent of immediate and long-term changes in
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cell morphology. However, there remains an incomplete picture of how mechanical forces affect
cellular dynamics during deformation and recovery.
Recently, we showed that an intact actin network is critical for resisting large local
deformations, demonstrating the importance of cortical prestress in cellular shape change 348.
Moreover, the actin cortex, in conjunction with the membrane, surprisingly recovers cell-shape
within minutes following large-magnitude local loads 348. The contractile actomyosin cortex is wellknown to modulate cellular shape changes, as it undergoes remodelling at a relatively fast turnover
rate 97 (on the order of seconds). However, experimental evidence has demonstrated that actin
resists tension, yet buckles under compression at the molecular level 349, 350. This leads to questions
surrounding how the cell resists external compression, and more importantly how cells recover
following loading at the macroscale? Previous observations of a slow recovery, independent of the
cytoskeleton, suggest involvement of other cellular constituents such as the liquid phase of
cytoplasm. Recently, researchers employed hyperosmotic stress to increase the solid volume
fraction of cells, which resulted in an exponential increase in shear stiffness as the cell was
compressed 346. Decreased water content increases the viscosity of cells, leaving mainly the
cytoskeleton and macromolecules to resist compression. More recently, force-relaxation curves
have shown that redistribution of liquid cytosol is responsible for the initial pressure redistribution
upon external loading of a cell 181. The cytoplasm was demonstrated to behave as a biphasic
material during the initial stages (~0.5s) of compression, wherein the liquid cytosol was confined to
flow through a solid mesh (made up of cytoskeletal filaments and macromolecules) 181. These
studies suggest that while cytoskeletal prestress is required for resistance to deformation, changes
in osmotic pressure dominate shear stiffness of the cell.
This cooperative behaviour, between the cytoskeleton and osmotic pressure, is responsible for
the response and adaptation of cells to force. While the majority of research has focused on
characterizing the initial cellular response to force 195, 202, the adaptive recovery of cells following
drastic shape changes has not been well examined 180, 181, 351. To address this gap in knowledge, we
systematically characterized the response of the membrane and cortex immediately and following
both short (seconds) and long (minutes) durations of mechanical loading. AFM and laser scanning
confocal microscopy (LSCM) were simultaneously used to directly visualize and quantify
deformation and characteristic recovery times of HeLa cells. Employing cytoskeletal inhibitors and
osmotic shock conditions allowed us to investigate contributions of the actomyosin network and
osmotic pressure in the duration and ability of cells to recover from external forces, respectively.

4.3 Results
4.3.1 Measuring the recovery dynamics of the membrane and cortex
Herein, we developed a framework for direct measurement of deformation and recovery dynamics
of the cell membrane and underlying cortex through direct visualization. High-speed LSCM was used
to capture these events during local deformations delivered by an AFM tip (Fig. 4.1 A,B). Loads of 10
or 20nN were applied above the nucleus of cells for both short (15s) and long durations (1 and 10
min). Although the nucleus does not significantly contribute to long-term shape recovery of HeLa
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cells 348, the central region above the nucleus was chosen for consistency. Experiments were
performed on cultured monolayers of HeLa cells transiently expressing PH-PLC-δ-EGFP and LifeAct
Ruby 348, in order to measure the dynamics of both the plasma membrane and cortex, respectively
(Fig. 4.1 B). During initial approach or retraction of the tip, high speed (7.69 fps) imaging was
performed in a single plane ~2μm below the apical membrane. Imaging in this plane allowed for
measurements of fluorescence intensity over time where the deformation was clearly visible (Fig.
4.1 C). A specified region of interest (ROI) located in the central region of the observed deformation
was used to measure mean intensity over time.
First, the cell membrane and underlying actin cortex were shown to deform simultaneously
with little resistance to force, in response to rapid indentation (10μm/s) (Supplementary Methods
(Ch. 4.7.10-11 and Fig. 4.S1 A). Using the same approach, both short and long durations of constant
force were applied apically to HeLa cells in order to examine their ability to recover from large local
loads. Normalized intensity profiles (recovery curves), measured from time-lapse images of
untreated cells were fit to a modified box-Lucas equation:
( )

(

)

[4.1]

Mean fluorescence intensity, I, is a function of time described by a double exponential with two
decay constants: (s-1), corresponding to the initial recovery as the membrane/cortex approaches
the imaging plane, and (s-1), corresponding to movement of the membrane/cortex as they
⁄(
) is a ratio of the characteristic
surpass the imaging plane. The unit-less factor
decay constants. Intensity profiles fit to eqn. [4.1] demonstrated that
is dominant in dictating
the shape of the recovery curve, with paired t-tests indicating
, in all cases (P < 0.05). The
majority (90%) of intensity profiles for untreated cells behaved similarly to the exemplary curve in
Fig. 4.2 A; however a small number recovered as shown in Fig. 4.2 B. Following 1min of a 10nN load,
mean characteristic recovery decay constants measured from fits to eqn. [4.1] for the membrane
were 2.35 ± 1.04 s-1 and 0.07 ± 0.06 s-1 for
and , respectively. Typically, intensity profiles of
the cortex were similar to those of the membrane (Fig. S1b). Thus, mean characteristic decay rates
of the cortex:
of 2.41 ± 1.00 s-1 and
of 0.07 ± 0.04 s-1, were not significantly different from
those of the membrane (P > 0.05, with paired t-test). Differences between fits of the recovery
profiles for the membrane and cortex can be attributed to increased noise in RFP images
(Supplementary Methods, Ch. 4.7).
Doubling the load magnitude from 10 to 20nN did not influence the recovery decay constants
of either the membrane or cortex (Table 4.S1), despite significant increases in strain with increasing
load (Supplementary Methods (Ch. 4.7.1.12, and 4.7.3.1) and Fig. 4.S2). Notably, load duration did
not influence characteristic recovery decay rates (Table 4.S1). Initial characteristic recovery decay
constants ( ) of the membrane and cortex were > 1s-1 following 15s, 1min, and 10min long
durations of 10nN, indicating fast recovery (< 1s). Secondary decay constants ( ) were < 0.3s-1 for
the membrane and < 0.1s-1 for the cortex (much slower). Box plots demonstrate the variance in
fitting parameters for time constants of the membrane (Fig. 4.2 C,D). Mean
across all durations
-1
for the membrane was 2.65 ± 0.27s (Fig. 4.2 C). On average, slower recovery occurred as the
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membrane and cortex moved past the imaging plane, with a mean
0.09 s-1 (Fig. 4.2 D).

for the membrane of 0.12 ±

Figure 4.1 Measuring the dynamics of deformation and recovery.
A) Schematic of experimental setup and procedure. After acquiring volume-images of the undeformed cell,
the imaging plane is set to ~2μm below the upper surface of the membrane and continuous time-lapse
imaging occurs. (i) The AFM tip deforms the membrane above the central region of the nucleus with a set
force magnitude. As the tip approaches and deforms the cell, time-lapse images result in a decrease of
fluorescence within the imaging plane (where the deformation is visible). (ii) For dynamic recovery
experiments, the tip is retracted from the cell following a specified duration of constant force. Corresponding
depictions of intensity over time measured from an ROI within the visible deformation are shown. In the case
of initial deformation dynamics, the initial fluorescence intensity observed from the EGFP-tagged membrane
(normalized to a magnitude of 1 here) diminishes as it is deformed below the imaging plane. On the other
hand, for recovery experiments, the membrane is initially deformed when the continuous imaging begins, and
so at the outset there is a diminished fluorescence signal within the ROI, subsequently followed by an increase
in intensity following tip retraction from the membrane surface. B) Z-projection and orthogonal views of an
untreated HeLa cell prior to and undergoing 10nN of force. The imaging plane for subsequent continuous
imaging following load removal is shown. C) XY-images from the time-lapse following load removal are shown,
corresponding to the same cell in (B). Shown is the cell just prior to tip removal and after the tip is retracted.
Arrows indicate the small ROI, where mean intensity is measured over time. Scale bars are 10μm.
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Figure 4.2 Recovery of HeLa cells is near-instantaneous.
A-B), Intensity recovery profiles are shown following retraction of the AFM tip (t=0). In (A), a typical profile for
HeLa cells is shown where the peak intensity occurs in < 1s. In a small (10%) number of untreated cells a much
slower recovery time was observed, as in (B). Only the first 10s of recovery are shown, however usually >20s
was recorded. Corresponding decay constants,
+ s.e.m. are shown. C-D), Box plots of characteristic
recovery time constants from fits of recovery curves as shown in (A) and (B) to [1] are shown. Box plots shown
th
th
are 25 , 75 percentiles. Squares indicate mean values, and outlier data (1.5-fold) is indicated by plus signs
(+). Decay constants shown are for recovery curves following 1s (black), 1min (blue) and 10min (red) durations
of a 10nN (open boxes) and 20nN (shaded boxes) load. No significant differences appeared between
characteristic decay rates or fits for different load magnitudes or durations (P > 0.05, using paired t-tests).
Mean values across all experiments is indicated by a dashed line for both
and
.

In order to characterize overall differences in cellular recovery, we defined a cell as “recovered”
when the membrane/cortex passed the imaging plane within the ROI –the peak in intensity profiles
(Fig. 4.2 A,B). We also defined a ‘fast recovery’ when cells exhibited a near-instantaneous recovery
time (< 1s). Time-lapse images were visually inspected so that only cells that recovered fully
following the deformation were included in the analysis (Fig. 4.S2) 348. The majority (90%) of
untreated HeLa cells (n=20) displayed a fast recovery, following 1min of a 10nN load. We also
performed experiments (10nN applied for 1min) while imaging in the most apical region of the cell
wherein the deformation was still visible in order to confirm that the position of the imaging plane
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did not influence observed dynamics (Fig. 4.S3). In general, the fast recovery dynamics in untreated
HeLa cells were observed to occur in a manner independent of force magnitude and duration.
Therefore, we focussed on determining which cellular components were driving the recovery
process.

4.3.2 The cytoskeleton largely influences shape regulation following unloading
The cytoskeleton is well-known to influence cellular elasticity and morphology 97, 133, 164, 352.
Moreover, we have shown that an intact actin network is necessary to provide stiffness while
structurally supporting HeLa cells in order to recover cellular shape following long durations of
localized loads 348. Microtubules, on the other hand, were shown to be unnecessary for the
observed recovery response in the minutes following unloading 344. These cytoskeletal networks are
highly interconnected, and so here we examined the role of both actin and microtubules
immediately following large perturbations. As before, we performed single-plane imaging
experiments in order to measure recovery of cells following 1min of a 10nN load. Cells were treated
with Y-27632, a specific inhibitor of Rho-kinase, Cytochalasin D (CytD) a depolymerizer of actin, and
Nocodazole (Noco), a known microtubule depolymerizer (Supplementary Fig. 4.S4).
Fits of intensity profiles to eqn. [4.1] revealed that actin is the main contributor to the
immediate recovery of cells following highly localized loading (Fig. 4.3 A). Box plots of characteristic
recovery decay constants demonstrate the variability in fitting parameters for the various
treatments (Fig. 4.3 A,B). In comparison to untreated cells (2.35 ± 1.04 s-1),
of the membrane
-1
was significantly increased for cells treated with Y-27632 (1.02 ± 1.09 s ) and CytD (1.05 ± 1.06 s-1),
however not for those treated with Noco (1.52 ± 1.56 s-1). This increase in characteristic recovery
decay constants was similarly observed for the cortex, following treatments with Y-27632 (0.71 ±
0.79 s-1) and CytD (0.82 ± 1.01 s-1), and again were not significantly altered for cells treated with
Noco (1.50 ± 1.48 s-1) in comparison to untreated cells (2.41 ± 1.00 s-1). Large variances in fits of the
secondary recovery decay constant
(movement past the imaging plane) made any significant
distinctions between untreated and treated cells indiscernible (Fig. 4.3 B). Direct observation of
time-lapse images of the membrane demonstrated that the number of cells recovering in < 1s
decreased dramatically for actin-destabilized cells (30% of cells treated with CytD, n=17, and 10% of
cells treated with Y-27632, n=20). A large number of Noco-treated cells (60%) recovered quickly.
The increased strains observed for actin-destabilized cells (Supplementary Results, Ch. 4.7.3.2) may
contribute to their prolonged initial recovery times. Despite the reduced recovery time constants
following actin destabilization, a high percentage (50-65%) of cells still recovered their initial cell
shape within minutes following unloading, and so we postulated that this was largely due to
intracellular fluid flow.

4.3.3 Intracellular pressure is partly responsible for shape recovery
Osmotic pressure and interstitial fluid flow may be partially responsible for shape recovery following
large deformations. Cytosolic flow within the cell’s dense filamentous network has been shown to
contribute to initial force relaxation measurements 181. In order to examine what role cellular

68

pressure, and cell volume, have on shape recovery we subjected HeLa cells to hyper- and hypoosmotic shock conditions, with 300mM of sucrose, and 30% dH2O supplemented normal cell media,

Figure 4.3 Actin and osmotic pressure are major contributors to the recovery response.
A-B) Box plots of characteristic decay constants are shown for fits of membrane recovery of untreated HeLa
(black), and cells treated with CytD (red), Y-27632 (green), and Noco (blue). Decay constants shown are for
recovery curves following 1 min of a 10 nN load. In (B), there is no significance (P > 0.05), even with removal of
outliers. C-D) LSCM Z-projection images are shown with corresponding orthogonal projections prior to (t=0),
during (t=1min) and a red (undeformed) / green (deformed) overlay following load removal (t=3). C) Hyperosmotic treatment with 300mM sucrose results in reduced cell volume and reduced ability to recover cell
shape. Outset, arrow indicates remaining deformed membrane. D) Hypo-osmotic treatment with 30% dH2O
resulted in increased volume of HeLa cells, and did not inhibit cell shape recovery (t=3). E-F) Box plots of
characteristic recovery decay constants from membrane fits of osmotic-treated cell experiments are shown.
th
Decay constants shown are for recovery curves following 1min of a 10nN load. All box plots shown are 25 ,
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th

75 percentiles. Squares indicate mean values, and outlier data (1.5-fold) is indicated by plus signs (+). *
Indicates significant differences with untreated cells (P < 0.05, using paired t-tests).

respectively. Cells exposed to these conditions were incubated for 10min prior to performing the
experiment to ensure that any transient increase in Ca2+ 353, as well as any transient volume
compensation effects had subsided to baseline levels 354. A 10nN constant force was applied to
shocked cells for a 1min duration followed by subsequent unloading, which was again captured by
imaging in a single plane where the deformation was visible.
Cells exposed to hyper-osmotic shock (sucrose) demonstrated a decrease in volume in comparison
to cells in a neutrally osmotic environment, as indicated by a ~58% decrease in cell height
(Supplementary Table 4.S3). Small blebs were observed on the membrane of these cells in vitro (Fig.
4.3 C). Single-plane imaging of these treated cells was performed as earlier, however the
deformations observed were less distinguishable due to the degradation of fluorescence caused by
the addition of the solute, and the significant reduction in overall deformation and cell height (Table
4.S1), which corresponded with a significant increase in stiffness (3.8 ± 1.8kPa, n=7, P < 0.05) in
comparison to (2.8 ± 0.7kPa, n=9) untreated cells. Fits of the intensity profiles demonstrated
drastically reduced characteristic recovery decay constants (Fig. 4.3 E) for the membrane ( = 0.18
± 0.08 s-1) and cortex ( = 0.16 ± 0.06s-1) of hyper-osmotic cells (P < 0.001). Secondary decay
constants were also significantly reduced, indicating a slow movement of the membrane/cortex
past the imaging plane (Fig. 4.3 F). Post-processing of the recovery images was extremely difficult
for treated cells; however deformations that were visible remained following unloading of the cell
(Fig. 4.3 C, 3x zoom).
Cells exposed to hypo-osmotic shock (30% dH2O) conditions resulted in a drastic increase in
volume (a 32% increase in cell height) (Fig. 4.3 D). However, absolute deformation remained
unchanged (Table 4.S1). The initial recovery response of the membrane of cells under hypo-osmotic
conditions ( =1.58 ± 1.19s-1) was reduced (P < 0.1) in comparison to untreated cells ( = 2.35 ±
1.04s-1), implying slower recovery (Fig. 4.3 E). This decrease was also observed between the initial
decay constants of the cortex from hypo-osmotic treated cells ( =1.66 ± 1.22s-1) versus untreated
cells ( = 2.41 ± 1.00s-1) (P < 0.1, and P < 0.04 with outliers removed). There was no statistical
difference between hypo- and neutrally osmotic conditions for secondary decay constants
(P >
0.05 for both membrane and cortex). Approximately 59% of hypo-osmotic treated cells recovered in
< 1s following unloading, however the mean recovery time constant was less than half that of
untreated cells (P < 0.1). Young’s modulus measurements demonstrated an increase (P = 0.051) in
stiffness for hypo-osmotically stressed cells (3.4 ± 0.7 kPa, n=8). Increased membrane stiffness also
resulted when methyl-β-cyclodextrin (MβCD) was used to deplete membrane cholesterol levels (see
Supplementary Methods (Ch. 4.7.1.3) and Fig. 4.S6).

4.3.4 Mechanical characterization of viscoelastic shape recovery process
Having revealed the contributions of the cytoskeleton and osmotic pressure in the recovery process,
we attempted to characterize the viscoelastic recovery response observed across both untreated
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and treated cells. With this aim, we modelled the recovery curves of the membrane using an overdamped wave equation, containing both elastic (k) and viscous (μ) terms.
(

)

[4.2]

Using this form of the wave eqn. [4.2], the displacement, u, of the linked membrane-cortex
surface is modelled as a function of the radial distance, r, from the AFM tip (Fig. 4.4 A). The
underlying theory of this model is that the surface is treated as a continuum. When the surface
(here the membrane/cortex) is displaced, the viscoelastic inner material attempts to bring the
surface to its equilibrium state (prior to deformation). Essentially, the surface is treated as a series
of viscoelastic elements (Fig. 4.4 A) and corresponds to a Kelvin-Voigt model in which viscous
damping and elastic storage act in parallel. Considering that this model assumes over-damped
relaxation behaviour, we were able to ignore higher order inertia terms (see Supplementary
Methods, Ch. 4.7.1.13-14).

Figure 4.4 Mechanical characterization of recovery.
A) Schematic of the proposed mechanical model. Shown are multi-component viscoelastic elements,
representative of the continuum surface treated as a modified wave-equation. B) Plot of decay constants
⁄
(
) derived from viscoelastic properties simulated using [4.2]. Only acceptable simulations were
used, as indicated by N values shown. * Indicates significant difference with untreated cells (P < 0.05, using
paired t-tests). Error bars are SD.

First, the intensity profiles from experiments performed on untreated HeLa cells were fit to eqn.
[4.2] above. We would expect that cells experiencing a ‘fast’ recovery would have a large spring
coefficient (high k), and a smaller damping coefficient (low η), whereas the reverse would be true
for slower recovering cells. Alternatively, the damping coefficient alone could differ between fast
and slow recovering cells. Preliminary analysis revealed that for fast-recovering cells fit to the model
(n=6 of 8 total) the average spring coefficient (156 ± 34μm-2) was greater than the damping
coefficient (25 ± 22μm-2), whereas for slowly recovering cells the reverse was true, the damping
coefficient (198 ± 59s·μm-2) was higher than the spring coefficient (33 ± 22μm-2), for recovery
following a 10nN load. Repeating the numerical calculation for recovery data following a 20nN load
resulted in no change in mean parameters (Table 4.S4).
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Cells treated with cytoskeletal inhibitors as well as those exposed to hypo-osmotic conditions
were modelled using [4.2] (Table 4.S4). Although absolute values of individual parameters varied
greatly between recovery curves within a given population,
values demonstrated linear minima
between possible values of the parameters k and η. Hence, we proposed that a ratio of k/η, (a decay
constant, (s-1)) would be sufficient for comparing differences between cells exposed to various
treatment conditions (Fig. 4.4 B). Using this method, recovery time constants of cells treated with Y27632 (0.06 ± 0.03s-1) and CytD (2.77 ± 7.60s-1) were significantly (P < 0.05) reduced compared to
untreated HeLa cells (7.17 ± 6.64s-1), following removal of the same magnitude (10nN), same
duration (1min) load. Numerical modelling of recovery curves, using this method, has shown that
cell recovery is dominated by a recovery time constant, which is dependent on the actin
cytoskeleton, and not microtubules, consistent with our non-linear regression analysis performed
earlier. These results must be interpreted with caution however, as only fits that corresponded with
the observed response time in the time-lapse images were used.

4.3.5 Shape recovery is observed in other epithelial cells
HeLa cells appear to be quite resilient following large scale local loads, recovering their initial
morphologies within seconds (~2.5s on average). We also performed the same
deformation/recovery experiment (1min of 10nN) to other established epithelial cell lines; MDCK,
HEK, and CHO cells. Experiments using MDCK, HEK and HeLa were performed on the same day and
CHO cells were performed in a subsequent experiment, with the same AFM cantilever and
calibration techniques. This insured against differences in measured values of deformations/strains
arising from the calibration of the cantilever.
Force indentation measurements of these cell types revealed similar Young’s moduli (E ≈ 3kPa,
for all cells, P > 0.05), cultured on glass substrates. Despite all being cultured to ~90% confluent
monolayers, measured heights varied significantly between some cells (Fig. 4.5 A, inset).
Deformations following 1min of a 10nN load, demonstrated that HeLa cells experienced significantly
greater deformations in comparison to all other cell types examined (Fig. 4.5 A). Normalized
deformations (treated here as axial strains) measured along the axis of loading were significantly
greater for HeLa cells (72.23 ± 3.11%) in comparison to HEK (50.82 ± 15.45%) and MDCK (46.95 ±
9.77%). CHO cells also experienced significantly larger strains (59.82 ± 9.81%) than MDCK (P < 0.05,
one-way ANOVA, and means comparison with Tukey test). All of the epithelial cells examined here
recovered their initial shape within minutes following removal of the load.
As before, time-lapse imaging within the plane of deformation allowed for measurement of
intensity profiles. Fits of these curves to [4.1] revealed that, MDCK, CHO, and HEK cells all recover in
a similar manner to HeLa cells, with the initial characteristic recovery decay constant dominating the
response (
). Interestingly, unlike HeLa, all other cell types tested demonstrated a
significantly decreased initial decay constant of the cortex in comparison to the corresponding
membrane data (P < 0.05, paired t-test), a finding that will require further examination. Moreover,
there was significant variability amongst the cells examined. Recovery characteristic decay
constants for CHO cells were higher than those of the other cell types for both initial, , and
secondary, , decay constants (P < 0.05, one-way ANOVA). Time-lapse images revealed that 100%
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of CHO cells recovered in less than 1s (similar to HeLa, 90%). In stark contrast, only a small
percentage (32%) of HEK cells recovered quickly, and none of the MDCK examined (0%) recovered in
less than 1s.
It is clear from these results that cell shape recovery, following highly localized large magnitude
perturbations, is a response present amongst different epithelial cell types, at least for those
examined here. While all of these cells recovered their pre-deformed shape over the long term
(within minutes), the immediate recovery decay constants of this phenomenon were cell-type
dependent. All cells recovered in less than 3 seconds, on average. It is also interesting to note that
the characteristic recovery decay constants of the cortex were slower than that of the membrane
for these cells, with HeLa as the exception. This observed difference may be partially due to
increased noise in RFP images (see Supplementary Methods, Ch. 4.7.1.6). However, since there was
no observable difference between membrane and cortex decay constants for HeLa cells, future
investigations should examine this interesting observation.

Figure 4.5 Epithelial cells recover shape following loading.
A) Plots of axial strain are shown for HeLa (black), MDCK (red), HEK (green), and CHO (blue) cells. Inset, Initial
height (ho) and deformation (d) following 1min of 10nN load. B) Plot of mean initial characteristic recovery
decay constants, . * Indicates significant difference between CHO and all other cell types (P < 0.05, paired ttest). Error bars are SD.

4.4 Discussion
Significant shape changes are pervasive during the life cycle of a cell, and are consequent of both
internal and external forces that arise during events such as cell-cell communication, motility, and
tissue-level strain 340. In response to these mechanical signals, cells have been shown to quickly alter
their morphology, while maintaining their structural integrity 138, 348, 355. That being said, the
mechanisms behind this extraordinary ability that cells possess - to actively respond to mechanical
cues, are largely unknown. Herein, this work involves examination of cellular behaviours following
large local deformations and complete force removal. A combination of AFM and LSCM was used to
characterize the response of the membrane and cortex immediately, during, and following both
short (seconds) and long (minutes) durations of mechanical loading. Surprisingly, the majority (90%)
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of HeLa cells were shown to withstand and recover from large local forces near-instantaneously (<
1s). Unsurprisingly, the dynamics of recovery were shown to occur simultaneously for the coupled
membrane and cortex (Supplementary Fig. 4.S1). With the use of cytoskeletal inhibitors and
osmotic-shock conditions, we demonstrated that the deformation and recovery response of HeLa
cells are predominantly affected by the presence of its contractile actomyosin network and
intracellular pressure.
Our results provide strong evidence that actin is a key regulator in cell shape recovery
processes. As we also demonstrated that actin 348, not microtubules 344, are also crucial for
resistance to deformation (Table 4.S3), in agreement with others 168, 182. Herein, inhibition with CytD
and Y-27632 led to a drastic reduction in initial cell shape recovery time constants (Fig. 4.3 A). The
ROCK pathway in particular, appears to play a considerable role in the recovery process, since 90%
were observably impaired by its inhibition. Considering that ROCK inhibition effects myosin light
chain downstream, it is not surprising that contractility of the cortex would be reduced, resulting in
larger deformations, and slower recovery dynamics. While both the elastic and viscous components
of the cell have been previously shown to heavily rely upon actin organization, they do not
significantly depend on microtubules 168. Moreover, recent observations have shown that neither
microtubules nor keratin intermediate filaments affect cellular rheology 181.
Microtubules, however, have been shown to transmit forces from the apical cell membrane,
causing stress fibre deformation in the basal plane of fibroblasts 182. Moreover, recovery of
chondrocytes following compression has been shown to be drastically reduced following inhibition
of microtubule polymerization, using cholchicine 355. While our results did demonstrate reduced
recovery in the absence of intact microtubules (Table 4.S2), Noco treatment did not present a
significant change from the recovery dynamics observed in untreated cells, and results were highly
variable (Fig. 4.3 A,B). We postulated that any effect caused by the depolymerisation of
microtubules might be obscured by secondary effects of treatment, in particular increased
actomyosin contraction. Noco treatment has been shown to effectively redistribute tubulin to
surrounding stress fibre adhesion sites in HeLa cells 356. This results in increased stress fibre
formation; a result of GEF-H1 release brought about by activation of RhoA. Immunofluorescent
images confirmed that tubulin co-localized with actin following treatment (Fig. 4.S4).
To limit any increase in contractility that might occur from Noco treatment, we first inhibited
ROCK (the up-regulation of which is associated with stress-fibre formation) with Y-27632, followed
by subsequent treatment with Noco for a group of cells (Supplementary Methods, Ch. 4.7.1.3).
Although cells treated with Y-27632+Noco still appeared to possess a large number of actin stress
fibres in the basal plane, microtubules were completely disrupted and no longer co-localized with
fibres (Fig. 4.S6). Interestingly, the ability of Y-27632+Noco treated cells to recover quickly was
drastically reduced (20%). Significantly decreased strain measured in these cells indicated increased
contractility (Supplementary Results, Ch. 4.7.3.3), counter to the desired effect. This could be
caused by a short initial incubation time with Y-27632, the effects of which could be counteracted
by Noco treatment. Recently, we demonstrated that Noco treatment results in increased focal
adhesion size and contractility, alongside a reduction in cell height in fibroblasts 357. However, this
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effect was shown to be transient and was significantly reduced following prolonged incubation. One
explanation for the observed behaviour here could be attributed to cofilin regulation. In particular,
actin depolymerizing factor (ADF)/cofilin has been shown to inhibit myosin II binding to F-actin,
thereby regulating actomyosin assembly and contractile force generation 358. In particular, increased
actomyosin II assembly and activity has been observed following depletion of cofilin in HeLa cells 358.
Considering that the inhibition of ROCK with Y-27632 has been shown to increase cofilin
phosphorylation in esophageal squamous cancer cells 359, it is probable that pre-treatment here
results in an accumulation of cortical F-actin. Increased phosphorylation of cofilin (by LIM-kinase
1)360, which results in an accumulation of actin filaments will result in an overly contractile cortex.
This effect could account for the observed increased resistance to deformation and slowed
recovery, although future studies will be necessary to determine the exact cause.
By exposing cells to both hyper- and hypo-osmotic conditions we demonstrated that the flow
of cytosol is crucial for cell-shape recovery following mechanical perturbations, in direct agreement
with current poroelastic models of cell mechanics 181. Treating HeLa cells by hyper-osmotic shock
conditions (300mM sucrose) led to a drastic decrease in deformation and slower recovery. This was
to be expected considering that the liquid volume fraction of the cell was diminished, as
demonstrated by a significant decrease in cell height (Table 4.S3). Previous reports using
fluorescence correlation spectroscopy have shown that cells treated to equivalent concentrations of
sucrose have resulted in significant increases in the shear moduli of HeLa cells, with its elastic
contributions considerably reduced in comparison to viscous components 361. Interestingly, storage
and loss moduli of untreated HeLas were reduced in the nucleoplasm region, in comparison to the
cytoplasm, an effect that was reversed following osmotic stress. Treatment with hypo-osmotic
conditions demonstrated increased cell volume, but did not significantly alter the recovery dynamics
of untreated HeLa (Fig. 4.3 E,F). In fact, the percentage of cells that recovered quickly was reduced
to 56% from 90% for hypo-osmotic stressed cells in comparison to osmotically neutral cells,
respectively. To confirm that osmotic pressure and cytosolic flow positively contribute to the
recovery dynamics of HeLa cells, we exposed Y-27632+Noco treated cells to hypo-osmotic shock
(Supplementary Results, Ch. 4.7.3.3). The increased contractility, demonstrated by resistance to
deformation and reduced recovery (20%), of Y-27632+Noco treated cells was abolished following
osmotic treatment (80% recovered in < 1s). Together, these results suggest that while intracellular
fluid flow may contribute to stress relaxation 181, there may be an upper threshold osmotic pressure
that limits the speed of cell shape recovery. While transmembrane proteins such as integrins, and
tyrosine kinase receptors have also been proposed as volume sensors, actin has been shown to play
a role in cell volume regulation 362. It is possible that the reduction in ‘fast’ recovering hypoosmotically treated cells is due to active contractility of the cortex in response to volume changes,
which must be further examined in future work. However, the results here demonstrate that actin,
in concert with osmotic pressure, appears to be majorly responsible for cell shape recovery
following local deformations.
Cellular pressure is controlled and maintained by regulation across the plasma membrane.
Whether or not the membrane composition itself critically affects the recovery process remains an
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open question. Various membrane-bound dyes have been shown to stiffen the membrane but not
affect the deformability of HeLa cells, or long-term recovery of cell shape 348. Here, rather than
inserting a membrane marker, we employed a cyclic oligosaccharide, methyl-β-cyclodextrin (MβCD)
to effectively deplete cholesterol levels of the plasma membrane (Supplementary Methods, Ch.
4.7.1.3). While increased stiffness associated with MβCD treatment has been observed in
endothelial cells 363, AFM force-indentation curves herein revealed that stiffening of MβCD-treated
cells was a result of increased cellular pressure (Supplementary Results (Ch. 4.7.3.4) and Fig. 4.S7).
This increased stiffness resulted in a significant decrease in strain of cholesterol depleted cells, but
did not alter the ability of cells to recover (100% fast recovery for n=10 cells). Considering that the
membrane and cortex are directly linked by proteins, such as ERM 98, it is unsurprising that
cholesterol depletion alone would not cause a considerable change in deformation or recovery
dynamics. An interplay of membrane and cortex dynamics affect both cell shape and function 99, 101,
and so they must be decoupled in future studies in order to examine their respective contributions
to the recovery process.
Recently, compression has been shown to result in an increased migratory response of cancer
cells 364, demonstrating the need for characterization of deformation and recovery processes,
particularly in diseased states. Here, HeLa cells, a cancerous cell line, have been shown to withstand
large magnitude forces, and generally recover near-instantaneously, a response largely dependent
upon the actin network and osmotic pressure. Interestingly, other non-cancerous cell types (CHO,
HEK, MDCK) were also shown to recover within minutes following deformations, although with
drastically varied decay constants (Fig. 4.5). Others have demonstrated recovery of chondrocytes
following whole-cell compression 355, however these cells were shown to possess a critical strain
threshold ~30% 365, considerably lower than recovered strains in HeLa cells (upwards of 60%). This
difference is quite surprising, considering that chondrocytes undergo continuous compression cycles
in vivo. Clearly, investigation into the differences between recovery behaviour of a variety of cells is
needed. Differences between cell types are undoubtedly influenced by variations in cytoskeletal
organization.
Only a limited number of studies have examined the mechanisms involved in shape recovery
processes. For example, Ofek et al. employed a secondary CCD camera to visualize cells in the
orthogonal planes under whole-cell compression 355. While useful for measurement of whole-cell
volumetric changes, their rate of image acquisition (0.25 fps) would not be able to capture the fast
dynamics or difference in recovery times observed herein. Others have also inferred recovery from
cantilever deflection data, as in stress-relaxation experiments. Here, we developed a direct visual
method using a traditional LSCM set-up involving high speed time-lapse imaging to interpret the
recovery times of HeLa cells following mechanical stimulation. This method allowed us to examine
and characterize the contributions from the actin and microtubule cytoskeleton, as well as effects of
intracellular pressure. Furthermore, time-dependent intensity profiles obtained from these
experiments were used in subsequent modelling (Fig. 4.4). Treating the cell membrane/cortex as a
series of interconnected viscoelastic elements revealed that recovery is dominated by a single decay
constant. While many others have employed viscoelastic models to characterize cell behaviour, to
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the best of our knowledge, we are the first to employ this continuous model to observed cell-shape
recovery behaviour. Numerical modelling using this over-damped form of the wave equation
(Supplementary Methods, Ch. 4.7.13-14) confirmed that a large damping coefficient was associated
with actin destabilized cells (particularly those treated with Y-27632).
Characterization of mechanisms underlying cell-shape recovery processes are important, as it
might unveil potential changes brought about by diseased states. We have shown that both
cancerous and non-cancerous epithelial cells recover shape following large magnitude compressive
loads, although differences in characteristic recovery decay constants suggest that the mechanisms
may differ between cell types. Importantly, for HeLa cells, we demonstrated that load duration does
not have an effect on how fast these cells recover, despite the fact that actin remodelling certainly
takes place within the time frame of our experiment 89. Organization and contractility of the cortex
appears to be critical in the recovery process following large local deformations, as indicated by the
severe reduction in fast-recovering cells following cytoskeletal disruption of actin, contractility and
hyper-osmotic conditions.

4.5 Methods
Details on cell culture and drug treatments can be found in the Supplement (Ch. 4.7.1-3). Briefly,
AFM was used to apply a constant force to cells, while high-speed LSCM was used to capture timelapse images within a plane of visible cell deformation. Fluorescence intensities were then used to
determine the recovery decay constants of the membrane and cortex (Ch. 4.7.1.7-8). An overdamped wave equation was also used to model the recovery behaviour of the membrane/cortex as
an infinite surface comprised of a series of viscoelastic elements, as described in full detail in the
Supplementary Methods (Ch. 4.7.13-14).
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4.7 Supplementary Information
4.7.1 Supplementary Methods
4.7.1.1 Cell culture
HeLa cells were cultured at 37°C and 5% CO2 in DMEM with 10% heat inactivated fetal bovine serum
and 1% penicillin (100 IU/mL), streptomycin (100 1g/mL) (Hyclone). Cells were cultured on 100mm
dishes (Corning) and seeded onto 35mm glass bottom dishes (laser-cut 35mm plastic culture dishes
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(TPP) affixed with 1.5 glass 25mm round coverslips (Harvard apparatus Canada) using PDMS (Dow
Corning)), in 2.5ml of culture media.
4.7.1.2 Plasmids and transfections.
HeLa cells were cultured on 35mm glass bottom dishes to ~60% confluency before transfections.
Plasmids (~0.6µg) for the PH domain of PLC-δ conjugated to EGFP (kind gift of Guillaume Charras)
and LifeAct-Ruby (kind gift of Buzz Baum) were diluted in OptiMEM (Invitrogen) as described
previously 348. The transfection complex was completely removed and replaced with culture
medium 45min later. Experiments were performed the following day. Immediately prior to the
experiment, Hoechst 33342 (Invitrogen) was used to stain for DNA, according to manufacturer
specifications.
4.7.1.3 Drug treatments
Cells were pre-treated in a cell culture incubator at 37°C and 5% CO2 immediately before
experiments. Cells were pre-treated for 30min with either the rho-kinase inhibitor Y-27632 (10µM
in DMSO, Sigma) or the microtubule depolymerizer Nocodazole (Noco) (10µM in DMSO, Sigma), or
pre-treated for 15min with the actin destabilizing drug Cytochalasin-D (CytD) (10µM in DMSO,
Sigma). In some cases, cells were pre-treated with Y-27632 for 15min followed by subsequent
treatment with Noco for 15min.
In order to deplete cholesterol levels, methyl-β-cyclodextrin (MβCD), a cyclic oligosaccharide, was
used (10mM diluted in dH2O, Sigma). Cells were incubated with MβCD for 30min at 37°C and 5% CO2
in serum-free media followed by washing twice with PBS and complete media change. Considering
that MβCD was dissolved in a large volume of dH2O, we used a control population where cells from
the same passage number were incubated with serum-free medium and the equivalent ratio of
dH2O (~500μL MβCD solution added to 2mL media) for 30min.
4.7.1.4 Immunofluorescent staining of cytoskeletal filaments
Cells were fixed using 3.5% paraformaldehyde and permeabilized using Triton X-100 at 37°C. Cells
were then stained for actin using Alexa Fluor 546 Phalloidin (Invitrogen), and DNA using DAPI
(Invitrogen). Microtubules were stained with a mouse monoclonal anti-α-tubulin (Abcam) primary
antibody followed by an Alexa Fluor 488 rabbit anti-mouse immunoglobin (Invitrogen) secondary
antibody. Full details on the staining protocol have been described previously 196.
4.7.1.5 Image acquisition using confocal microscopy
All images, for live and fixed cells, were acquired with a Nikon TiE A1-R high-speed resonant laser
scanning confocal microscope (LSCM), using a 60x (NA=1.2) water immersion objective lens.
Appropriate laser lines and filter sets were employed; GFP was excited using a 488 nm laser and
measured at 525nm, and RFP was excited using a 561nm laser with fluorescence measured at
595nm. Fixed samples were imaged using LSCM volumes in galvano scanning mode. Imaging of live
cell experiments were performed in resonant scanning mode. In this mode, LSCM volume images
were captured prior-to and during deformation experiments, and consisted of ~30 confocal planes,
each 0.5m thick. Time-lapse images were performed in a single XY-plane in order to capture the
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intensity decrease/increase due to deformation/recovery of the cell, at a scan rate of 7.69 fps. To
reduce noise, line averaging (2x) was used.
4.7.1.6 Measuring confocal resolution
To determine the confocal resolution of GFPs and RFPs used herein, we employed green and red
fluorescent (200nm) carboxylate-modified microspheres (Invitrogen) diluted in dH2O to a final
concentration of 106, as outlined in the protocol in 366. A 20μl drop of the diluted stock solution was
pipetted onto a clean 1.5 glass coverslip and allowed to dry overnight. LSCM imaging of
microspheres was performed the following day with the same excitation wavelength (
488nm
for a 525nm emission, and
561nm for 595nm emission) and sampling rate (0.069 x 0.069 x
0.18μm) used during experiments. Here, we based our theoretical confocal resolution on the
Rayleigh criterion 366, 367:
Lateral resolution
Axial resolution

[4.S1]
(

√

)

[4.S2]

Based on eqn. (S.1, S.2), (using n=1.33 for water) the theoretical resolution for GFP was calculated
to be 207nm in x and y, and 567nm in z. Theoretical resolution for RFP was calculated as 238nm in x
and y, and 652nm in z. Using an ImageJ plugin, MetroloJ (the plugin and manual can be found:
//imagejdocu.tudor.lu/doku.php?id=plugin:analysis:metroloj), we were able to generate a report of
the miscrosphere PSF data. Fits of microsphere intensity to a Gaussian equation were used to
determine the FWHM. This produced a mean resolution of: 0.248μm in x, 0.281μm in y, and
0.701μm in z for GFP microscpheres (n=10). Mean confocal resolution was lower for RFP
microspheres (n=10): 0.305μm in x, 0.351μm in y, and 1.043μm in z.
4.7.1.7 Atomic force microscopy methods
A NanoWizard II (JPK Instruments) AFM was mounted on the LSCM to perform integrated AFMLSCM experiments. All experiments were performed at 37°C, using a temperature-controlled AFM
stage (JPK).The thermal fluctuation method of Hutter and Bechhoefer was used to calibrate AFM
tips 330. The sensitivity and stiffness was measured prior to experiments. All AFM cantilevers had an
experimentally determined stiffness, k = 0.08 ± 0.01N/m (PNP-TR triangular, Nanoworld). Young’s
modulus (E) was determined by recording force-curves measured over the center of cell nuclei. A
shallow region (200nm) of indentation was fit to the Hertz model for a conical tip 331 to measure
local E of the cell (PUNIAS Software) 332.
4.7.1.8 Deformation and recovery experiments
First, LSCM volume images were recorded prior to and following deformation experiments to
ensure cells recovered their initial shape (Fig. 4.S2). Next, tracking of membrane-cortex deformation
and recovery involved capturing images in a single XY-plane set approximately 2μm below the apical
region of the membrane (as determined by LSCM volume images) (Fig. 4.1, main text). To capture
the initial deformation, images were recorded prior to (~5s) and during 20s of constant force
application. The AFM cantilever was set to approach the sample rapidly (10μm/s), with forces of
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either 10 or 20nN applied above the approximate center of cell nuclei (visualized by the nuclear dye
Hoescht).
A similar method was used to examine the dynamics of cell shape recovery. A series of constant
force (10nN) experiments were performed for varied durations: 15s, 1min, or 10min. Again, timelapse imaging was performed in a single XY-plane during the retraction phase of the tip (following
the specified load duration). For long durations (1 and 10min), LSCM volume images were acquired
once every minute. For instance, a 10nN force was applied at the approximate center of the cell for
10min, during which 11 LSCM volume images were taken corresponding to t=0 (before indentation),
t=1 (indentation after 1min) and so on, up to t=10 minutes of applied force. Following the constant
applied force, the focal plane is set to a plane where indentation by the AFM tip is seen (~2μm
below the fluorescent apical membrane). As the AFM tip is retracted, continuous XY-plane timelapse images are acquired to capture the recovery of the membrane/cortex (~30s). Following this, a
final LSCM volume image was captured (t≈12 min).
4.7.1.9 Statistics.
Statistics were calculated using two sample t-tests. Where indicated, one-way ANOVA analyses with
post-tests including Levene’s test for equal variance, and a means comparison test using the
Bonferroni and Tukey methods were employed. Unless otherwise noted, all significance indicates P
< 0.05.
4.7.1.10 Image analysis of deformation/recovery profiles.
ImageJ (open-source image processing software, http://rsbweb.nih.gov/ij/) was used for all analysis.
A square region of interest (ROI) (0.69μm2) was chosen; one containing the deformed cell
membrane and cortex, as demonstrated by changes in GFP and RFP intensity over time. Brightness
and contrast settings were adjusted in order to optimize images of live and fixed cells. No other
image manipulations were performed. In order to examine the deformation dynamics of the
membrane and cortex, time-lapse images were analyzed by capturing mean intensity over time
within the ROI (Fig. 4.1 C, main text). These intensity profiles were normalized for initial
deformation experiments (Fig. 4.1 B) by averaging initial intensity values observed within the ROI 2
seconds prior to unloading. A value of 1 represents the maximum intensity immediately prior to
deformation (t=0), and 0 representing the minimum intensity after the AFM tip is extended
(intensity was not 0 in actuality due to noise in resonant images scans). For recovery profiles, 0 is
again representative of the minimum intensity, which occurs during the deformation while the AFM
tip is approached (now, t=0). Following tip retraction, the intensity within the ROI increases as the
membrane/cortex recover shape (with maximum intensity normalized to 1).
4.7.1.11 Non-linear regression of intensity profiles during deformation
We chose to fit the deformation intensity profiles to a first-order decay, based on Akaike’s (AIC),
and Bayesian (BIC) information criteria (Origin v.9.1.) 368. Non-linear regression of intensity-time
profiles allowed us to compare time constants ( (s)) of the membrane and cortex using equation
[4.S3].
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⁄

( )

[4.S3]

Using normalized intensity data, the offset, Io, was set to zero, and the amplitude, A, was set to 1.
The only free fit parameter was , a characteristic time constant.
4.7.1.12 Measuring cellular strain
Approximate axial strain measurements were made on cells during long (1 and 10min) deformation
experiments, as we previously reported 348. Axial strain was measured in the plane of loading, as:
⁄

[4.S4]

where
is the deformation and
is initial cell height. An average of two measurements were
used as strain was measured in both orthogonal XZ and YZ projections of LSCM volumes, using
ImageJ.
4.7.1.13 Derivation of viscoelastic model of relaxation/recovery
Here, we demonstrate a simple derivation of the wave equation, as used to model the relaxation
(recovery) behaviour of the membrane/cortex. First, consider a series of masses (m) connected by
springs (k) separated by a horizontal distance l (Fig. 4.4 A, main text). In the deformed state (when
the tip is approached), these masses are displaced from equilibrium, where at a time t, the
mass is displaced by a height . This mass is acted upon by the spring force ( ) of its neighbours,
and so is accelerating with inertial force:
̈
Where the net spring force due to the

mass’ neighbours is:
[

]

[

]

Setting the total inertial force ( ) to the Hookian spring force ( ):
̈

[

]

[

[

]
]

Treating this surface as a continuum, and in the limit of a large number of spring elements (i.e.
⁄
) we then have:
[4.S5]
Where the speed of wave propagation is defined as:
⁄
And employing the d’Alembert operator:

[4.S6]
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This represents a continuum model of an elastic membrane. Any additional forces can be
superimposed onto each element causing the simple wave equation [4.S6] to generalize into a form
of the Telegrapher’s equation. Here, we employed forces from a single elastic (E) and damping ( )
element in parallel acting on each element. Since the elastic and viscous contributions act in
parallel, this amounts to a Kelvin-Voigt viscoelastic model and the net force on each element of the
surface is then
. The resulting Telegrapher’s equation is

[

]

(

)
[4.S7]

In this form, the above equation can be described as a surface connected to equilibrium by
elements of the Kelvin-Voigt model. Comparing to equation [4.S2] in the main text, we see that
and
. In the final form of equation [4.S7] we neglect the inertial term by
assuming that we are in the over-damped regime and will not observe wave-like dynamics on the
membrane surface. We expect a monotonic return to equilibrium, which is reasonable considering
that the cell is surrounded by fluid and is largely composed of cytoplasm.
4.7.1.14 Numerical implementation of the viscoelastic model calculation
Equation 7 does not have an analytic solution and so is solved numerically. The AFM tip is modelled
as a cylindrically symmetric cone defined by a solid angle
and a maximum indentation
depth . An implicit Euler method was found to be stable and employed to determine the
displacement
at all radial points and times. As is common numerical practice, nondimensionalized variables were used in this process. The characteristic length scale was identified to
be the maximum displacement , the characteristic time is
. In the following, all variables are
properly non-dimensionalized by these scales. In the implicit Euler method the spatial derivatives
are approximated to be:

(
and are all performed at the future time
*

+

[

)

. Therefore, [7] is discretized into
]

*

+

[4.S8]
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(
), b
( ) and
where
. Equation [4.S8] holds for all discretization
nodes except at the boundaries. The assumed cylindrical symmetry demands that
at
(i.e. a von Neumann boundary condition) and we assume a Dirichlet boundary condition of
at the last node
. All of this can be written concisely in the form ⃗
⃗
,
where ⃗ is the list of displacements at each node and
is the invertable tridiagonal matrix
defined by inspection of [4.S8]. Because
can be numerically inverted using standard algorithms,
the Euler method can calculate all the future displacements from the current displacements via
⃗
⃗ .
Measurements of intensity profiles do not directly measure displacement height; rather they
infer changes in height from the measured intensity at the focal plane, which lies at a depth
μm below the equilibrium surface
in the ROI. In order to estimate the intensity, we assume
that fluorescence occurs homogeneously and constantly on the apical membrane. Since the emitted
photons must transverse the dispersive intracellular medium (along with the movement of the
membrane/cortex) to arrive at the focal plane, we approximated the intensity at each point by a
Gaussian dispersion about the focal plane. In this way, the total intensity is the integral of the
intensity at each point on the focal plane in the ROI, where the intensity at each point is the integral
of the Gaussian dispersion with a variance
from each point on the membrane as given by the
displacement eqn. [4.S8]. This is done numerically, with cylindrical symmetry and with a numerical
cut-off of
, used in integrating the intensity at each point in the ROI. In this way, the
experimental intensity as a function of time can be predicted.
Experimental parameters, such as the maximum tip depth , the focal plane , and the
dispersion
(an optical property that may vary substantially between fluorescent protein
expression levels), all vary between experiments. Therefore, these parameters must be prescribed
using best estimates, or as fitting parameters along with the viscoelastic properties of interest,
and . In our fitting procedure, the average value
μm (~maximum deformation range, see
Table 4.S3),
μm (approximate theoretical x-y resolution of GFP) and an ROI radius of
μm are used in each fit. The number of radial nodes is set to
, the radial step size is
μm and the time step used is
μs. The position of the focal plane , the elastic
constant
and viscous coefficient
are fit using an iterative least-squares method. In each
iteration, the focal plane is first updated by comparing the
value between the theoretical curve
and the experimental data. If increasing or decreasing the value is a better fit, then
is updated,
otherwise the step size is halved. This procedure is repeated for
and then for . This routine is
then repeated until the step sizes for ,
and
are all less than the prescribed tolerance
(tolerance
is sufficient).
The numerical actualization of the iterative least-squares fitting procedure and the implicit
Euler method for solving [4.S7] was programmed using C. Calculations were performed on Scinet,
through Compute/Calcul Canada. Analysis was launched using simple shell scripts and individual
jobs generally ran for < 1 hour. The viscoelastic model employed here showed the most success
fitting slow recovery, but was less successful when dealing with extremely fast recovery instances.
This may indicate that additional mechanisms must be taken into account in fast recovery situations
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but not in slow or that different combination of viscous and elastic elements are needed to
adequately model cell-shape recovery.

4.7.2 Supplementary Tables
Table 4.S1 Load magnitude and duration do not affect fast recovery of HeLa cells.
Membrane
Cortex
-1
-1
-1
Load
Duration
N
(s )
(s )
(s )
(s-1)
15s
8
2.66 ± 1.04
0.08 ± 0.06
2.84 ± 0.60
0.05 ± 0.01
10nN
1min
14
2.35 ± 1.04
0.07 ± 0.06
2.41 ± 1.00
0.07 ± 0.04
10min
11
2.52 ± 1.22
0.08 ± 0.12
2.21 ± 1.13
0.05 ± 0.04
15s
6
2.41 ± 0.94
0.05 ± 0.05
1.53 ± 0.73
0.03 ± 0.01
20nN
1min
13
2.91 ± 0.54
0.28 ± 0.43
2.83 ± 0.64
0.09 ± 0.05
10min
11
3.04 ± 0.96
0.15 ± 0.17
2.36 ± 1.09
0.07 ± 0.07
Mean characteristic recovery decay constants following different durations and magnitudes of loading. Decay
constants remain unchanged following short (15s) and long (1 and 10min) durations and different magnitudes
of loading (10 and 20nN), as determined by one-way ANOVA analysis with both Tukey and Bonferroni posttests. Levene’s test determined that the variance, however, was significantly different between populations (P
< 0.05). Values shown are means ± SD.

Table 4.S2 Cytoskeleton and osmotic conditions effect recovery.
Membrane
Cortex
-1
-1
-1
N
(s )
(s )
(s )
(s-1)
Untreated
14
2.35 ± 1.04
0.07 ± 0.06
2.41 ± 1.00
0.07 ± 0.04
Untreated (top)
9
1.86 ± 1.01
0.05 ± 0.03
0.64 ± 0.36*
0.06 ± 0.03
CytD
12 1.24 ± 1.10*
0.05 ± 0.04
0.98 ± 1.08*
0.05 ± 0.02
Y-27632
13 1.22 ± 1.10*
0.10 ± 0.11
0.85 ± 0.82*
0.07 ± 0.06
Noco
11
1.52 ± 1.52
0.04 ± 0.03
1.50 ± 1.48
0.04 ± 0.01
300 mM Sucrose
7
0.18 ± 0.08* 0.02 ± 0.02** 0.16 ± 0.06*
0.08 ± 0.10
30% dH2O
12 1.58 ± 1.19*
0.10 ± 0.23
1.66 ± 1.22*
0.07 ± 0.11
Characteristic recovery decay constants of the membrane and cortex are shown following a 1min 10nN load.
Top refers to measurements made at the most apical region of the cell wherein the deformation was still
visible. Values shown are means ± SD. * indicates P < 0.05, and ** indicates P < 0.08.

Table 4.S3 Cytoskeleton and osmotic conditions effect cellular strain.
N
ho, height (μm) d, deformation (μm)
ɛ, axial strain (%)
Untreated (10nN)
20
7.62 ± 1.24
3.73 ± 1.35
50 ± 19
Untreated (20nN)
20
8.07 ± 2.35
5.04 ± 1.23*
66 ± 19*
CytD
18
9.38 ± 1.41*
6.45 ± 1.18*
69 ± 13*
Y-27632
20
9.70 ± 1.85*
6.36 ± 1.21*
66 ± 09*
Noco
11
7.09 ± 1.42
4.13 ± 1.24
58 ± 12
300 mM Sucrose
9
4.41 ± 2.26*
1.46 ± 0.89*
32 ± 12*
30% dH2O
17
10.08 ± 1.62*
3.61 ± 1.26
37 ± 13*
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Direct measurement of initial height (ho), deformation (d), and axial strain of cells following 1min of 10nN
force (except where indicated). Values shown are means ± SD. * Indicates significance (P < 0.05).

Table 4.S4 Mechanical characterization of the cell.
N
k (μm-2)
η (s·μm-2)
Untreated (10nN)
8
125.01 ± 64.34
68.08 ± 84.94
Untreated (20nN)
12 120.49 ± 74.55
62.33 ± 66.09
CytD
8
58.98 ± 135.08
141.80 ± 118.51
Y-27632
17
3.89 ± 3.94
71.82 ± 49.27
Noco
4 203.19 ± 341.74 703.79 ± 547.43
30% dH2O
13 132.22 ± 64.34
143.98 ± 171.71

= k/η (-s)
7.17 ± 6.64
5.32 ± 6.56
*2.77 ± 7.60
*0.06 ± 0.03
8.03 ± 15.98
5.61 ± 9.48

Intensity (recovery) profiles were modelled by eqn. [4.2]. Deformation of the cell is modelled as an infinite
surface bound to a viscoelastic material that recovers an equilibrium state via spring and viscous components.
Here, the parameters listed correspond to both untreated and treated HeLa cells. Although
values were
reduced, large variations in absolute parameter values resulted, a ratio of k to η, a decay constant ( s), was
used to compare cells. * Indicates significant difference with untreated HeLa (10nN) (P < 0.05, using t-test).
Values shown are means ± SD.

Table 4.S5 Recovery decay constants of various epithelial cells.
Membrane
Cortex
-1
-1
-1
N
(s )
(s )
(s )
(s-1)
MDCK
21
1.73 ± 1.10
0.11 ± 0.09
1.11 ± 0.82
0.13 ± 0.09
HEK
16
2.51 ± 0.94
0.09 ± 0.06
1.17 ± 1.08
0.09 ± 0.03
CHO
4
3.52 ± 0.17
0.21 ± 0.13
1.72 ± 0.59
0.07 ± 0.03
Intensity profiles of the membrane and cortex following a 1min 10nN load were fit to a box-Lucas exponential
function [4.1] in order to derive characteristic recovery decay constants ( ).Values shown are means ± SD.

4.7.3 Supplementary Results
4.7.3.1 Deformation dynamics
Normalized plots of intensity over time are shown for the first 20s of deformation (Fig. 4.S1). These
intensity plots revealed a sharp decrease in fluorescence intensity, corresponding with initial
contact and increasing force applied by the AFM tip to the cell. Fitting multiple curves to eqn. [4.S1]
resulted in no difference in means between membrane and cortex deformation time constants.
However, since the variances were significantly different for these populations (P = 0.04), we also
compared concatenated fits (Fig. 4.S1 inset). An F-test again demonstrated no significant difference
(P > 0.05, and F=0.70) between the membrane ( = 1.78 ± 0.04 s) and cortex ( = 1.04 ± 0.03 s)
characteristic time constants (here, reported for 10nN loads). Both linked components deformed
rapidly in response to load. Since the cantilever approach speed was rapid (10μm/s), varying the
load magnitude (from 10 to 20nN) did not significantly alter the observed response of the
membrane, or the cortex (P > 0.05). We previously observed that the majority of deformation
occurs immediately following 10min of a locally applied load, and that HeLa cells (~90%) recovered
their initial shape in minutes thereafter 348. Together, these results demonstrate that the cell
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membrane and cortex provide little resistance to large magnitude, rapidly applied local forces,
initiating the examination of the recovery dynamics following load cessation.
4.7.3.2 Cellular strain depends on the cytoskeleton and osmotic conditions
As with untreated HeLa, we measured approximate strains of treated cells exposed to 1min
durations of a 10nN load (as in Fig. 4.S2). Despite variations in initial cell height (ho), the
deformation (d) of cells exposed to Y-27632 and CytD were significantly increased in comparison to
untreated cells (Table 4.S3). Cells lacking an intact actin cytoskeleton (Y-27632 and CytD)
experienced significantly larger strains (66 ± 9.4% and 69 ± 12%, respectively) than untreated cells
(50 ± 19%), whereas cells treated with Noco (58 ± 12%) were not significantly altered. The measured
strains confirm our earlier findings 369, that the actin cytoskeleton, not microtubules, is necessary for
resisting external perturbations. Moreover, the mean strain of cells treated by hyperosmotic stress
(sucrose) was significantly reduced (32 ± 12%) in comparison to untreated cells (50 ± 19%). Hypoosmotic stress also resulted in a reduced strain (37 ± 13%), due to the increased initial cell height
(deformation depth d was not altered, see Table 4.S3).
4.7.3.3 Limiting contractility and osmolarity
In order to inhibit increased contractility brought about by Noco treatment, we employed Y-27632
to selectively inhibit ROCK, as was shown in ref 356. Cells were pre-treated with Y-27632 for 15min
followed by subsequent treatment with Noco for 15min in an incubator at 37°C and 5% CO2.
Immediately following incubation, we performed AFM-LSCM deformation experiments. Recovery,
following 1min of a 10nN load, was drastically reduced for Y-27632+Noco treated cells, with only
20% fast-recovery observed from time-lapse images (n=5). Recovery was difficult to quantify for
these treated cells since the deformation was drastically reduced and significant variability was
observed in the apical regions of the membrane. Decay constants ( = 0.31 ± 0.39 s-1, and
=
-1
6.18 ± 13.59 s , n=5) demonstrated slow recovery of Y-27632+Noco treated cells. Although less
than 2% strain remained (on average) following 1min after load removal, the mean strain (measured
as in Fig. 4.S2) was significantly reduced for Y-27632+Noco treated cells (15 ± 10%), in comparison
to untreated HeLa (50 ± 19%). Immunofluorescent images revealed that actin fibres were present,
although microtubules were no longer co-localized and were completely depolymerized (Fig. 4.S6).
In an attempt to regain the fast recovery dynamics observed with untreated and noco-treated
cells, we treated the same cells (Y-27632+Noco treated) by incubating with 30% dH2O for 10min
prior to further experiments. The addition of 30% dH2O did not affect the appearance of actin fibres
or microtubules (Fig. 4.S6). The cell volume was significantly (P = 0.022) increased, denoted by
increased height (13.08 ± 1.70μm) in comparison to osmotically neutral Y-27632+Noco treated cells
9.68 ± 2.09μm. Approximate axial strain was also significantly (P = 0.028) increased for hypoosmotic cells (29 ± 5%). Importantly, 80% of cells recovered in < 1s following hypo-osmotic shock,
which was reflected in recovery decay constants ( = 1.87 ± 1.38s-1, and = 0.29 ± 0.46s-1, n=5).
4.7.3.4 Effect of cholesterol depletion on cell shape recovery.
We have shown that two membrane bound fluorescent markers: wheat germ agglutinin and a
lipophilic tracer, DiD, led to an increase in membrane-cortical stiffness and a decrease in the
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membrane’s ability to resist deformation 344. Here, rather than inserting a membrane marker, we
employed MβCD to effectively deplete cholesterol levels of the plasma membrane. Treatment with
MβCD has previously been shown to decrease cholesterol levels significantly (upwards of 50% 363).
Our aim was to examine cholesterol depletion on the deformability and the recovery response of
HeLa cells. First, AFM force-indentation curves were measured on cells treated with (10mM) MβCD,
as well as untreated HeLa cells. Force curves demonstrated significant cellular stiffening of MβCD
treated cells (E = 4.4 ± 0.8kPa) in comparison to untreated HeLa (E = 3.4 ± 1.3kPa). Cholesterol
depletion using MβCD has been previously shown to stiffen cell membranes of aortic endothelial
cells 363. Since the solubility of MβCD is low, we performed stiffness measurements on two controls:
cells treated with MβCD in serum-free media, as well as cells treated with the addition of the same
concentration of dH2O to normal DMEM. Both controls resulted in a stiffness increase in comparison
to untreated cells (Fig. 4.S7), and so increased osmotic pressure likely contributes to the increased
stiffness. Measurement of recovery dynamics following 10min of a 10nN load demonstrated that
recovery times for MβCD-treated cells occurred near instantaneously (< 1s) in all cases (n=10 cells).
Fits of intensity profiles revealed no significant difference (P > 0.05) between characteristic recovery
decay constants of cells treated with MβCD ( = 2.42 ± 0.58s-1, and = 0.03 ± 0.01s-1, n=4) and
untreated HeLa ( = 2.52 ± 1.22s-1, and = 0.08 ± 0.12s-1, n=11). Note that only a number of
datasets were successfully fit (as reflected in the n values quoted above), since fast recovery
resulted in a discontinuity in the intensity profiles. Time-lapse images of the recovery revealed a
contraction as cells recovered the deformation, followed by a gradual expansion. We postulated
that this expansion was due to intracellular flow of cytosol, as previously shown 181. However, there
was no significant change in cell height (8.8 ± 1.8μm) following treatment with MβCD (P < 0.01), in
comparison to untreated cells (10.3 ± 2.9μm). By directly measuring the deformation depth of the
cells following 10nN of load, a significant decrease (P < 0.01, using t-test) in time-dependent strain
was observed for MβCD-treated cells (ɛ = 40 ± 11%, n=10), in comparison to untreated HeLa (ɛ = 50
± 18%, n=20), corresponding with their increased stiffness.
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4.7.4 Supplementary Figures

Figure 4.S1 Cell membrane and cortex deform and recover simultaneously.
A) Normalized intensity versus time profiles are shown for the initial 20s of membrane (n=13, black – 10nN,
blue – 20nN) and cortex (n=7, red – 10nN, magenta – 20nN) deformations following approach of the AFM tip
(t=0). Inset shows concatenated fits of data fit to an exponential decay. B) Fits of normalized intensity profiles
are shown overlaying raw data for an untreated HeLa cell recovering following a 10nN load applied for 1min.
No significant differences appeared between characteristic time constants or decay rates or fits between
membrane and cortex or load magnitudes (P > 0.05, using paired t-tests and F-test for fits comparison).

Figure 4.S2 HeLa cells recover from large deformations within minutes.
Shown is an LSCM volume projection image of a typical HeLa cell deformed by a 10nN constant force applied
for 10min. Red (t=0) / green (t=10min) overlays of orthogonal projections demonstrate the deformation (d) in
comparison to the initial cell height (ho). The cell shown recovered initial morphology within 1min, as shown
by the red (t=0) /green (t=11min) overlay after load cessation. Adjacent plots of intensity correlation analysis
demonstrate positively correlated intensities (lighter colours) and increased intensity correlation quotient
273
(ICQ) values following tip retraction. See reference for details on ICA. Scale bars are10μm.
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Figure 4.S3 Imaging plane does not affect recovery profiles.
A) LSCM image of a HeLa cell with XZ orthogonal projection demonstrating a typical imaging plane (1), and
imaging in the most apical region (2). B) XY-images during tip approach demonstrating differences in visible
deformations corresponding to (A). Arrow indicates deformed regions. Scale bars are 10μm. C) Intensity
profile from imaging plane (2) following recovery of cell in (A) after 10nN load removal. Sharp intensity peak
demonstrates near-instantaneous recovery.
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Figure 4.S4 Cytoskeletal disruption by inhibitors.
Immunofluorescent images of fixed cells demonstrate differences in cytoskeletal morphologies following
treatment with the indicated cytoskeleton inhibitors. Scale bar is 10μm.
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Figure 4.S5 Simulation of recovery using viscoelastic model.
Shown are example outputs from the simulation of a HeLa cell undergoing A), a fast recovery, and B), a slow
recovery following 1min of 10nN. Fits are shown in blue overlay the normalized intensity data (red).
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Figure 4.S6 Effect of osmolarity and Y-27632+Noco treatment on the cytoskeleton.
Immunofluorescent images of fixed cells demonstrate differences in cytoskeletal morphologies following
indicated treatments. Scale bar is 10μm.
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Figure 4.S7 Effect of cholesterol depletion on HeLa cells.
A) Plots of Young’s modulus measurements from AFM force-curves. Shown are mean ± SD. *Indicates
significance of untreated cells in comparison to all other conditions (P < 0.05, with paired t-tests).
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Motivation |
Physical forces arising from the extracellular environment are transmitted to the nucleus via the
cytoskeleton. It has been proposed that these forces directly affect gene regulation; however this
process is poorly understood, stemming from an incomplete picture of force transmission to the
nucleus. Recently, anisotropic deformations of the nucleus have been observed in response to
mechanical force, in contrast to the often employed assumption of nuclear isotropy. Considering
the importance of nuclear deformations in potential gene regulation processes it is imperative to
characterize nuclear strains.

Hypothesis & objectives |
Here, we consider whether anisotropic deformations of cell nuclei result from a direct local
compressive force. We characterize the response of nuclei from a variety of cells and demonstrate
that anisotropic deformations are prevalent, with nuclei predominantly deforming along a preferred
minor axis. We hypothesize that this anisotropy is regulated by the cytoskeleton as well as nuclear
structural components, which we examine herein.
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5 | Extracellular forces cause the nucleus to deform in a highly controlled
and anisotropic manner
5.1 Abstract
Mechanical forces in the biological microenvironment impact many critical cellular processes. These
forces may impact gene regulation and signalling due to the direct deformation of the nucleus and
genome. Therefore, the physical properties of the nucleus inside living cells, and its response to
extra-cellular forces, must be characterized. Previous studies have typically described nuclei as
isotropic materials; however recent evidence suggests that this may not be the case. Here, we
demonstrate that extra-cellular forces delivered with an atomic force microscope cause cell nuclei
to rapidly deform (within seconds) in a controlled and anisotropic fashion. Notably, elliptical nuclei
of fibroblast cells deformed significantly more along the short axis, rather than along the long axis.
The cytoskeleton regulates the deformation magnitude and the degree of anisotropy. However,
studies on isolated nuclei suggest the presence of intrinsic anisotropic material properties.
Disruption of chromatin organization severely impaired nuclear deformation in a majority of cells. In
cases where deformation was visible, it occurred in a more isotropic fashion but with a significant
degree of variability. Conversely, changes in lamin-A expression had a clear influence on the
mechanical properties of the cell but had no clear role in regulating anisotropy. Anisotropic
deformation was also highly conserved amongst an array of differentiated and undifferentiated cell
types. Although the functional purpose of this conserved anisotropy remains elusive, cells exhibit
tight control over how the nucleus deforms. This may provide a mechanism through which
mechanical cues in the microenvironment are rapidly transmitted to the genome.

5.2 Introduction
Mechanical forces transmitted through the cell directly affect nuclear shape and function, thereby
affecting gene expression and numerous processes at the cellular level 126, 370, 371. Such forces result
in internal remodelling of the nuclear cytoarchitecture and chromatin 126, 372-374, leading to
alterations in transcriptional activity 22, 375. How nuclei respond to physical cues depends on their
inherent mechanical properties, which alone direct diverse biological functions. Mechanosensitive
proteins, such as lamins, are known to control and regulate these properties by physically coupling
the inner nucleus with the cell’s cytoskeleton, focal adhesions and integrins 126, 372, 376. Mutations in
these proteins result in a number of diseased states, and manifest in misshapen nuclei and
increased nuclear fragility, particularly under applied strain 189, 377-380. The importance of nuclear
mechanics is evidenced during differentiation and development wherein mechanical forces are
necessary 381-383 to direct deformable undifferentiated stem cells into committed cell types 384, 385.
Matrix stiffness also influences lamin-A levels 386 thereby governing nuclear resistance to force 246,
387, 388
. Clearly, characterizing how the nucleus deforms and remodels in response to force is of
critical importance.
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A large body of research involves examination of isolated nuclei 189, 321, 385, 389. However, the
nuclear response to force, in the context of its integration within the cyto-architecture has not been
well-characterized to date. Importantly, nuclei are often denoted as isotropic materials 189, 190,
however, during physical perturbation 384, 390 they display anisotropic material properties. Laser
ablation studies have shown that the disruption of heterochromatin nodes causes elliptical nuclei to
undergo anisotropic shrinkage in which they collapse significantly more along their minor axis as
opposed to their major axis 384. Planar stretching of cell monolayers also reveals an inherent
mechanical anisotropy 390. In both cases, cytoskeletal disruption resulted in a significant loss of
anisotropy. These studies show that intrinsic nuclear prestress governs nuclear shape, while
cytoskeletal organization governs nuclear deformation in response to mechanical stress 372, 380, 384.
Whether or not the observed mechanical anisotropy is a widespread phenomenon amongst cells
remains an open question. Moreover, if an intrinsic nuclear anisotropy exists, how is it regulated?
Which cytoskeletal or nuclear components influence this behaviour? It seems likely that the
cytoskeleton plays a role in directing anisotropy of nuclear deformations since it acts as a direct link
to external force. However, nuclear components such as lamins or chromatin organization may also
influence this behaviour.
Here, we characterize the anisotropic deformation of nuclei within living cells in response to
controlled extra-cellular forces. By measuring nuclear strains and defining a quantitative measure of
anisotropy, we demonstrate that nuclear anisotropy is prominent in NIH 3T3 fibroblasts, and highly
conserved in a variety of cell types. Using 3T3s as a model, we investigate the role of cytoskeletal
components in nuclear deformation. We also discuss the implications of chromatin organization and
lamin-A expression in nuclear anisotropy. Nuclear anisotropy may provide a direct mechanism
through which extra-cellular forces are controllably transmitted to the genome, thus the nucleus
itself may act as a mechanosensor in the cell, as recently proposed 371.

5.3 Results
5.3.1 Nuclear deformations reveal anisotropy
Nuclear deformations were examined by applying a constant force above the nuclei of 3T3
fibroblasts using an atomic force microscope (AFM) tip, while simultaneously acquiring laser
scanning confocal microscopy (LSCM) time-lapse images (Fig. 5.1 A and B) in a manner described
previously 335, 374. Employing the nuclear dye Hoechst 33342 enabled us to visualize nuclear area
during the deformation (Fig. 5.1 A). The confocal acquisition plane was set in the middle of the
nucleus (region of greatest fluorescence intensity), and images were collected at a rate of 4 fps. In
order to avoid any artefacts due to focal drift, we acquired data for only 5s. Longer durations were
also examined (~20s); however no significant difference was observed in the total deformation.
Image quantification allowed us to characterize strain (ε) along the major and minor axes of the
nucleus as a function of time (Fig. 5.1 D and E) as we described previously 390.
Within 1s following force application, nuclear area rapidly expanded (Fig. 5.1 C). There is a clear
dependence of nuclear expansion on force magnitude (P < 0.003), and no change in the absence of
an applied force (P > 0.09). Nuclear area increased by 7.8 ± 0.8% and 11.4 ± 1.4% following 5s of a
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10nN and 20nN constant force, respectively. Interestingly, nuclear deformation was anisotropic,
with absolute deformation along the major axis significantly less than the minor axis (P < 0.05). This
anisotropy is demonstrated by plots of the force dependent strain, εmajor and εminor, as a function of
time (Fig. 5.1 D and E). Following loading, 3T3 nuclei experienced strains of εmajor = 2.4 ± 0.3% and
εminor = 5.2 ± 0.6% in response to 10nN, and larger strains of εmajor = 3.2 ± 0.5% and εminor = 7.9 ± 1.3%
when exposed to 20nN of force. The nucleus was confirmed not to move in the confocal volume due
to mechanical loading, as demonstrated by stationary nucleoli during nuclear expansion (Fig. 5.S1
and Vid. 5.S1).

Figure 5.1 Extracellular forces applied to cell nuclei reveal anisotropic deformations.
A) Force application over the central nuclear region was carried out using AFM while simultaneously tracking
nuclear deformation using LSCM. Scale bar is 10m B) Process of strain measurement. Staining the nuclei with
Hoechst 33342 allowed for the capture of nuclear outlines. Shown is a 3T3 fibroblast nucleus prior to loading
(red), and following force application (green), image is 12μm wide. Nuclear outlines were extracted: before
(red) and during (green) the deformation. Outlines were fit to an ellipse in order to extract the change in area
and strain along the major (εmajor) and minor (εminor) axes over time. C) Area expansion following 5s of 0nN
(grey squares) n=14, 10nN (white circles) n=21, and 20nN (black triangles) n=14. D) Percent strain over time in
the major axis and E) minor nuclear axis. Axial strains reveal a clear mechanical anisotropy. Error bars are
SEM.

To quantify the observed anisotropic strain dynamics, we fit the time dependent strain data to
an expression that predicts deformation of a viscoelastic Kelvin-Voigt material 391 (SI Materials and
Methods). From the fits, we extracted plateau strains εp major and εp minor, and characteristic
deformation time constants τmajor and τminor. We then defined a dimensionless anisotropic strain ratio
(α = εp major/εp minor). Small values of α imply a large deformation anisotropy (εp minor > εp major) and α =
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1 represents isotropic deformation (εp minor = εp major). Accordingly, α > 1 also implies anisotropy, but
was rarely observed. Strain ratios were independent of load magnitude (P > 0.50) with mean α =
0.53 ± 0.06 for 10nN and α = 0.62 ± 0.15 for 20nN. Taken together, these results demonstrate that
change in area and strain are force dependent, but not anisotropy. We also confirmed that α
displayed no clear dependence on the orientation of the nucleus with respect to the AFM cantilever
(Fig. 5.S2). Moreover, anisotropic nuclear behaviour persists, as shown by performing the
experiment over long durations (15min). Strain measurements revealed that the nucleus reached
90-95% of its ultimate strain within 1min of loading and resulted in significant strain anisotropy (Fig.
5.S3).
To examine whether nuclear anisotropy is a pervasive phenomenon, we performed the short
deformation experiment (10nN for 5s) on a variety of other cells (immortalized and primary
fibroblast, epithelial, myoblast and embryonic stem cells) derived from several species (human,
mouse, canine, hamster). Although strain magnitudes varied widely in response to force (Table
5.S1), in all cases α was observed to be < 1 (Fig. 5.2). Importantly, primary fibroblasts isolated from
BALB/c mice displayed the same level of anisotropy (0.51 ± 0.10) as the 3T3 cells (0.53 ± 0.06).
Nuclear shape, as characterized by circularity (SI methods), varied greatly between cells but did not
appear to be correlated with α. This data demonstrates that deformation anisotropy appears to
persist among the diverse cell and species types surveyed here. Obviously, numerous complexities
exist when assaying such a diversity of cell types. Therefore, to systematically examine the origins of
this phenomenon, we focus our attention on 3T3 fibroblasts as a model system in all subsequent
experiments.

Figure 5.2 Nuclear anisotropy is variable amongst cell types.
Plot of anisotropic strain ratio (α) versus circularity for various established cell lines: 3T3s (n=21), HFF (n=19),
CHO (n=14), MDCK (n=19), HeLa (n=16), C2C12 (n=13), D3 mESC (n=10), and primary cells including fibroblasts
mdx
from BALB/c mice (n=12), and myoblasts from C57BL/10 (n=7) and Dmd (n=8) mice. Established cell types
demonstrated a clear nuclear anisotropy, as demonstrated by  consistently < 1. Deformations associated
with mESC and Dmd cell types were more isotropic than other cells, possibly due to a lack of lamins A/C and
altered chromatin organization. Error bars are SEM.
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5.3.2 The role of cytoskeletal structure in anisotropy
In order to determine the effect of the cytoskeleton on nuclear deformation, we made use of two
very well-known anti-cytoskeletal drugs to selectively inhibit specific components 167, 196, 384, 392-394.
CytD and Noco inhibit polymerization of actin filaments and microtubules (MTs), respectively 167, 196,
392
. Immunofluorescent images of fixed cells stained for actin, tubulin, and DNA demonstrate clear
differences between untreated and treated cells (Fig. 5.3 A-D). A combination of Noco and CytD
(NocoCytD) was also used in some cases, which led to depolymerisation of both actin and MTs (Fig.
5.3 D). Treated cells responded to 10nN of force similarly to untreated cells, with the majority of the
deformation occurring within seconds following loading (Fig. 5.3 E-G). Area expansion was greatest
for cells treated with NocoCytD (24.8 ± 3.2%) and CytD (24.9 ± 2.8%), both of which deformed
significantly more than untreated cells (7.4 ± 0.6%). Cells treated with Noco only resulted in a
marginal increase in nuclear expansion (9.5 ± 0.9%). However, initial area magnitude of 3T3 nuclei
remained unchanged following treatment with the cytoskeletal inhibitors (P > 0.05).
In general, there is a statistically significant drug-dependent response in εp major and εp minor for
cells treated with CytD and NocoCytD (Table 5.S2 and Fig. 5.3 F and G). Cells treated with NocoCytD
exhibited the largest values of εp minor, followed by cells treated exclusively with CytD. CytD
treatment also resulted in the largest εp major. Surprisingly, in comparison to untreated cells, Noco
resulted in a significant increase in εp major. Calculations of α (Fig. 5.4 A and Table 5.S2) revealed
anisotropy of nuclear strain (α < 1) that remains apparent irrespective of an intact cytoskeleton.
Cells treated with CytD (alone or in combination with Noco) led to α = 0.71 ± 0.10 and α = 0.68 ±
0.14, respectively. These values were not statistically significant from untreated cells (0.53 ± 0.06).
However, the loss of MTs alone (Noco) resulted in a significant increase in α (0.88 ± 0.14, P < 0.02),
which indicates less anisotropic behaviour.
Nuclear circularity was also measured prior-to and in response to extracellular force (SI
methods and Fig. 5.S4). Results indicate that anisotropic strain induces an increase in circularity (the
nucleus becomes less elliptical) due to the fact that εminor > 2x εmajor (Fig. 5.1 D and E). Moreover,
circularity drastically decreased with CytD and NocoCytD treatments, but was less pronounced for
cells treated solely with Noco. In other words, upon loss of actin (alone or in combination with MTs),
the nucleus became more elliptical. Force application also increased the circularity of all cells on
average, as expected (Fig. 5.S4). Although nuclear shape depends on the cytoskeleton, there is no
clear correlation between nuclear shape and the observed level of anisotropy following loading (Fig.
5.4 B).
Inside intact cells, the cytoskeleton plays a major role in governing nuclear shape (in concert
with the nucleoskeleton) 321, 372, 384. Therefore, we isolated nuclei in order to probe its mechanical
anisotropy in the absence of any confining structures (Fig. 5.3 C). Our results demonstrate that
isolated nuclei become less circular after removal from the cell, suggestive of an intrinsic prestress.
Strain was observed to be highly anisotropic in isolated nuclei, with mean strain in the minor axis
~5-fold larger than strain in the major axis. Anisotropy (α) was more pronounced in isolated nuclei
(0.22 ± 0.03) compared to nuclei within intact cells (0.53 ± 0.06). This result suggests that
anisotropic mechanical properties are inherent to these nuclei, and likely depend on nuclear
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structure, possibly dictated by chromatin organization and/or key structural nuclear proteins
(lamins).

Figure 5.3 Role of the cytoskeleton in nuclear deformation and structure.
A-D) Immunofluorescent images of fixed 3T3 cells showing DNA (blue), actin (red), and MTs (green). A)
Untreated 3T3 cells, B) CytD, C) Noco, and D) NocoCytD treated cells. Scale bar is 20μm. E) Change in
projected nuclear area as a function of time for untreated (black), Noco (red), CytD (blue), and NocoCytD
(green) treated 3T3s. Corresponding strains shown for F) the major axis (ε major) and G) the minor axis (εminor)
over 5s of a 10nN load. Error bars are SEM.
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Figure 5.4 Nuclear anisotropy appears to be intrinsic.
A) Anisotropic strain ratio (α) is shown for untreated and treated 3T3s. Anisotropy was demonstrated in all
cases (α < 1). Noco treatment demonstrated significantly less anisotropic behaviour (P < 0.05, using t-test). B)
Plot of anisotropic strain ratio versus circularity. Nuclear shape (prior to deformation) does not account for
the observed anisotropy. Untreated 3T3 (black), Noco (red), CytD (blue) and NocoCytD (green). Error bars
shown are SEM. C) Typical isolated 3T3 nucleus (blue). Forces applied to elongated isolated nuclei (n=10) by
an AFM tip (shadow) demonstrated increased α. Scale bar is 20μm.

5.3.3 The role of nuclear architecture
Chromatin organization plays an important role in regulating transcription processes 395 and
governing the physical properties of the nucleus 384, 396. Moreover, extra-cellular forces impact the
structure and organization of the nucleus and chromatin remodelling 22, 375. Here, to address the role
of chromatin organization in anisotropy, we treated 3T3s with Trichostatin A (TSA), a specific
inhibitor of histone deacetylase, which leads to chromatin decondensation. TSA has been used in
several studies of nuclear mechanics 397-399. Cells treated with TSA underwent large morphological
changes; they appeared more well-spread and exhibited extremely long extensions in comparison
to untreated cells (Fig. 5.5 A and B) consistent with previous studies 398, 400. TSA treatment led to a
significant amount of variability and several outlier values in the response of the nucleus to applied
forces (Fig. 5.5 C). Only a small population of cells (~43%) produced data that could be analyzed
using the methods presented in this study. The majority of nuclei did not deform at all or exhibited a
very small creeping deformation with no plateau. Notably, when considering the nuclei that
displayed a response to force, the variability in the data was significantly higher. This variability
becomes evident when displayed as box charts with several outlier data points detected (outliers
were identified as data lying outside the inner quartile range by 1.5-fold). Nuclear circularity
decreased upon TSA treatment likely due to the elongation of the cells (P < 0.02) (Fig. 5.5 C). TSAtreated nuclei also displayed anisotropic strain behaviour, with an average α < 1. However, α did not
change significantly (P > 0.1) with TSA treatment (0.42 ± 0.07 and 0.60 ± 0.09 for wild type and TSA,
respectively). Interestingly, removal of the outliers from the data sets did lead to a statistically
significant increase in α (P < 0.03). However, we limit our conclusions to the complete data set.
Despite the increased variability in the data the observations suggest two very important
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phenomena. First, disrupting chromatin structure directly impacts mechanosensitivity as evidenced
by the fact that a significant number of cells displayed no response to force. Second, when TSAtreated nuclei do deform, the results are highly variable and characterized by a more isotropic
deformation or a slow creeping deformation. Taken together, chromatin organization plays a critical
role in regulating the mechanosensitivity and deformation response of the nucleus to mechanical
forces arising in the extracellular environment. However, the large variability in TSA-treated
responses is likely masking the origin of the observed nuclear deformation anisotropy.

Figure 5.5 Role of nuclear architecture in anisotropy.
A) DIC images of live untreated 3T3 cells (n=13) and B) cells treated with TSA (n=15). Scale bar is 10μm. C) Box
th
th
plots of circularity and α for control (black) and TSA-treated (pink) 3T3s. Box plots shown are 25 , 75
percentiles. Triangles indicate mean values. Outlier data is indicated by crosses (x). D) Over-expression of
lamin-A in D3 mESC. Live-cell image of mESCs in which some cells are transiently expressing lamin-A-EGFP in
the nuclear envelope. DNA in blue, lamin-A EGFP (green). Scale bar is 12.5μm. E) Box plots of circularity and
anisotropic strain ratio (α) for untreated mESC (blue) (n=10) and lamin-A transfected cells (green) (n=13).

Alternatively, lamin proteins are known to influence nuclear mechanics and structure. Lamin
deficient mice have been employed in previous studies of nuclear mechanics 378, 398, 401, 402.
Complications can arise in this approach due to numerous altered states and compensation
mechanisms that occur in response to lamin deficiency 378, 401. Here, we employed the alternative
strategy of transiently over-expressing lamin-A EGFP in D3 mouse embryonic stem cells (mESCs)
(Fig. 5.5 D) that do not express lamin-A when pluripotent 131, 403, 404. This was confirmed with
immunofluorescent staining (Fig. 5.S5). In contrast to the data collected on 3T3 cells, wild type and
lamin-A EGFP mESCs displayed a large variability in nuclear shape, in agreement with previous
studies 404-406. This led to the observation that lamin-A EGFP cells (Fig. 5.5 E) exhibited no significant
change in circularity compared to the wild type (P > 0.4, removal of outliers had no effect on
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significance). AFM elasticity measurements, as described previously 335, were performed on visibly
transfected cells (n=19) and neighbouring cells lacking GFP (n=11). Cells visibly transfected with
lamin-A resulted in significantly stiffer Young’s moduli (3.2 ± 0.3 kPa) than cells lacking lamin-A (2.4
± 0.2 kPa) (P < 0.04) as expected 378, 399. The deformation of mESCs was still anisotropic (α < 1) but
was extremely variable, consistent with TSA treatments. Our results revealed that mESCs possessed
α = 0.67 ± 0.13 and 0.80 ± 0.09, for transfected and wild type cells, respectively (Fig. 5.5 E). Although
lamin-A over-expression resulted in a decreasing trend in α, it was not significant (P > 0.4) and no
outlier data points were identified. Therefore, although lamin-A plays a role in regulating
nuclear/cell mechanics, it does not appear to regulate the anisotropic deformation of the nucleus in
response to extracellular forces.

5.4 Discussion
Recent observations of nuclear anisotropy 384, 390 suggest that the mechanical properties of the
nucleus may not be isotropic, as often described 189, 321, 385, 389, 399. In previous work, laser ablation
was used to destroy heterochromatin nodes in nuclei of fibroblasts and pluripotent mESCs, resulting
in the anisotropic shrinkage of the nucleus, with the minor axis contracting more than the major
axis 384. Substrate stretch was also observed to transmit mechanical stress to nuclei of MDCK
monolayers, resulting in their anisotropic deformation 390. In contrast, here we sought to examine
how nuclei deform inside living cells when directly exposed to controlled nanomechanical forces.
This is of crucial importance, as extracellular forces may impact gene regulation and signalling
through direct physical changes in nuclear and genomic structure 22, 375, 407. Therefore, systematically
characterizing the deformation of the nucleus in response to force, and its mechanical anisotropy, is
a critical first step in understanding this complex process. Here, using 3T3 fibroblasts as a model, we
demonstrated that nuclei deform anisotropically in response to externally applied forces from an
AFM tip. The deformation occurs very rapidly (< 1 s), eventually reaching a plateau that persists for
long periods (up to 15min, max length of study). Strain along the minor nuclear axis was ~50% larger
than the strain along the major axis, as characterized by a strain ratio (α = ɛp major/ɛp minor), with mean
values < 1, consistent with recent studies 384, 390. Our results are the first to demonstrate the
controlled anisotropic deformation of the nucleus in direct response to extracellular forces.
To examine how widespread nuclear deformation anisotropy is in other cells, we performed
the experiment on a variety of established cell and species types. Although nuclear shape and strain
magnitudes following perturbation varied widely, α was always observed to be < 1. Importantly,
primary fibroblasts possessed an α almost identical to the immortalized 3T3 cell line. This survey
also shows that highly circular nuclei can display anisotropic deformation. Consistent with the 3T3
data, initial nuclear shape does not influence anisotropy. Interestingly, pluripotent mESCs and
diseased primary cells (Dmdmdx myoblasts) possessed α > 0.8, indicating an almost isotropic
response. Dmdmdx myoblasts also exhibited significantly (P < 0.05) less anisotropic strain in
comparison to myoblasts isolated from control mice (C57BL/10), possibly attributed to global
histone modification, as witnessed by dispersed and open chromatin configurations in Dmdmdx
myoblasts 408, 409. Taken together, these results indicate that anisotropy appears to be highly
conserved, at least among the diverse cell types examined here.
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Using 3T3s to characterize the origins of nuclear anisotropy, we also demonstrated that the
cytoskeleton plays an important role in regulating nuclear shape and the magnitude, timescale and
anisotropy of nuclear deformation. A loss of intact actin causes a significant increase in the
magnitude of nuclear deformation along both axes and the rate of expansion of the minor axis (Fig.
5.S6). Actin is highly cross-linked to the nuclear architecture through nesprin-1 and -2 proteins 126, 372
and plays an important role in regulating nuclear deformation, consistent with previous studies 384,
390
. A loss of MTs resulted in increased strain along the major axis, leading to an increase in α. MTs
have been shown to distribute radially near centrosomes 410, and are now well known to contribute
to cell polarization during migration independently of actin 139. It is plausible that perinuclear MTs
create a dense filament mesh at the ends of the major axis, contributing to strain resistance and the
observed anisotropy. These results correspond with our other recent findings suggesting an MTdependent resistance in the major axis, and actin-dependent resistance in the minor nuclear axis,
following strain via planar stretch 390. Finally, isolated nuclei revealed that anisotropic deformation is
intrinsic to the structure of the nucleus itself. In the complete absence of prestress or confinement
arising from the cytoskeleton/cytoplasm, isolated nuclei display strain that primarily occurs along
the minor axis resulting in a highly anisotropic deformation (α ~ 0.2). Perhaps the main role of the
cytoskeleton is to limit the degree of nuclear anisotropy. It has been proposed that anisotropy in
global cellular deformation is dominated by the presence of actin fibres, which tend to align parallel
to the long axis of the cell 411. Our results strongly agree with these findings, as the major axis
tended to align with the polarization of the actin cytoskeleton. While actin plays a key role in
dictating nuclear shape and its resistance to deformation, nuclear anisotropy appears to stem from
the existence of an intrinsically prestressed nucleus due to the nucleoskeleton, nuclear envelope
and/or chromatin organization 126, 372.
We hypothesized that nuclear architecture, including lamins and/or chromatin structure, might
regulate nuclear anisotropic behaviour, since they both play a role in nuclear mechanics 405. While
expression of lamins B1 and B2 have been shown in mESC 131, 403, only very low levels of lamins A
and C have been detected 404, with their expression closely related to differentiation 132. And so, we
examined the role of lamin-A by its overexpression in mESCs. Lamin-A over-expression significantly
increased the stiffness of mESCs, as lamin-A is known to provide structural stability to the nucleus
378, 386
. However, lamin-A had an insignificant effect on the observed α. Nevertheless, the
importance of lamins should not be underestimated, since they influence overall nuclear stiffness
and play an important role in chromatin regulation 412. In a recent study, mESCs in a transitional
state were shown to exhibit complex auxetic behaviours in response to compression 193. Moreover,
mESC in a naïve pluripotency state responded with auxetic behaviour only upon TSA treatment.
Their findings suggest that mESC mechanical properties are highly complex and depend on
transitional state and chromatin organization. Here, TSA was used to loosen chromatin organization
in 3T3s 397-399, which resulted in large morphological changes, likely due to the inhibition of
gelatinase A, a matrix metalloproteinase 400. TSA treatment resulted in a highly variable response of
cells to applied forces. TSA abolished any response to force in the majority of cells measured,
indicating a key role of chromatin organization in mechanosensitivity. Of the cells that did respond,
they did so more isotropically, however the large variability in the measurement impairs our ability
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to draw further conclusions. Although speculative, nuclear mechanical anisotropy may indeed arise
from chromatin organization and play a role in force-mediated transcription processes 395.
Although we have not established the functional role of nuclear anisotropy, it is intriguing to
observe that 3T3 fibroblasts exhibit a high degree of regulation over nuclear deformation.
Moreover, the observed anisotropy is also conserved among diverse cell types from several species.
Therefore, future studies will focus on examining how key proteins (post-translational modifiers to
histone tails 413) involved in chromatin organization, chromatin territories and the nucleoskeleton
regulate deformation anisotropy 372, 395, 414. Moreover, several studies have shown that cyclic stretch
can induce gene expression changes and it remains unclear how inhibiting anisotropy (TSA
treatment or specific knock outs) may impact these findings 396, 415, 416. Clearly, more work is required
to confirm whether or not nuclear deformation anisotropy is simply a result of nuclear organization,
or if it plays a functional role in cell biology. Regardless, we have shown that living 3T3 cells regulate
nuclear deformation at the cytoskeletal and organizational levels of the nucleus itself, in such a way
that the nucleus is significantly more sensitive to deformation along the minor axis. Notably,
anisotropic deformation occurs whether the mechanical stress is emanating from below the cell
(substrate stretch 390) or from above (direct AFM compression). Though highly speculative, we
suggest that nuclear structure and organization is optimized to enhance its sensitivity to extracellular forces in order to promote mechanically induced gene expression.

5.5 Materials and methods
Detailed descriptions of reagents, cell lines, animal models, plasmids, simultaneous AFM-LSCM,
image analysis and statistical tests are contained in the SI Methods (Chapter 5.7.1). All values
quoted are mean ± SEM.
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5.7 Supplementary Information
5.7.1 Materials and Methods
5.7.1.1 Cell Culture
Mouse (NIH3T3) and human (HFF) fibroblasts, hamster (CHO), canine (MDCK), and human (HeLa)
epithelial cells, as well as mouse muscle (C2C12) cells, were cultured in Dulbecco's Modified Eagle's
Medium (DMEM) supplemented with 10% FBS and 1% penicillin/streptomycin at 37°C and 5% CO2.
Cells used in experiments were grown on 35mm glass bottom tissue culture dishes (MatTek)
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containing 2mL of culture media, and their nuclei were stained with Hoechst 33342 (Invitrogen)
according to manufacturer protocols one hour prior to imaging. D3 mouse embryonic stem cells
(mESC) (ATTC, #CRL-1934) were cultured in DMEM supplemented with 12.5% FBS, 0.1mM Nonessential amino acids, 30µg/ml Gentamicin (Gibco), 0.1mM 2-mercaptoenthanol (Sigma) and 1000
U/ml leukemia inhibitory Factor (LIF) (Millipore). Cells were passaged every 48 hours to prevent
differentiation.
5.7.1.2 Isolation of 3T3 Nuclei
Cells were first pre-stained with the nuclear dye Hoechst 33342 (Invitrogen) at a concentration of
0.5 uL/mL. Cells were then trypsinized, pelleted, and re-suspended in ice cold AFM buffer: Protease
inhibitor tablets (Roche), 1 mM EDTA (Fisher) in 50mL PBS (Fisher), and again spun down. Cells were
re-suspended in ice cold extraction buffer (protease inhibitor tablets (Roche), 1 mM EDTA, and
25mM sucrose in 10mL PBS), and left on ice for 30min. A dounce homogenizer was used to slowly
break up the sample (50 times on ice). Samples were spun down at 1000rpm for 10min at 4C, and
then re-suspended in ice cold AFM buffer. The supernatant was placed on Poly-L-Lysine (Sigma)
coated petri dishes for 1 hour at 4C, followed by aspiration and fresh supply of AFM buffer (at
room temperature). All experiments were performed immediately following.
5.7.1.3 Murine Models
BALB/c mice, C57BL/10ScSnJ mice and Duchenne muscular dystrophic mouse model C57BL/10ScSnDmdmdx/J were purchased from The Jackson Laboratory (Bar Harbor, ME, USA). All animals were
kept at constant room temperature (23°C) and humidity (78%) under a controlled light/dark cycle.
Mice were fed a normal chow diet and were euthanized by CO2 inhalation followed by cervical
dislocation. All experimental procedures involving laboratory animals were approved by the Animal
Care and Use Committee of the University of Ottawa.
5.7.1.4 Isolation of Myoblasts from Muscle Tissue
The isolation of myoblast cells from the murine Duchenne muscular dystrophy model (Dmdmdx) and
its control murine model (C57BL/10) was based on the protocol of Li et al., 2011 417, and was
performed as follows: Following euthanasia at 4 weeks of age, muscle tissues were resected from
the lower mouse limbs in a sterile environment. The tissues were kept in PBS (Fischer), minced into
a coarse slurry using sterile scissors, and centrifuged for 5 min at 2500 rpm at 4°C. After a second
wash/centrifugation, the tissue slurry was digested by a succession of protease treatment starting
with collagenase (0.2%, 60min at 37°C; Sigma), followed by dispase I (2.4 U/ml, 45min at 37°C;
Sigma) and ending with trypsin (0.25%, 20min at 37°C; Wisent). The cells were then re-suspended in
DMEM (High glucose, HyClone) containing 10% FBS (HyClone), 10% horse serum (HyClone), 1%
newborn calf serum (HyClone), 1% amphotericin B (Wisent), 1% penicillin/streptomycin (pen/strep)
(Wisent) and 1% L-glutamine (Wisent). The cells were dissociated by passing the cell suspension 3
times through a 21G needle and filtered through a 70μm cell strainer (Fisher) to remove any larger
debris. After a last centrifugation, the cells were plated in a collagen-coated T-25 flask for 2 hours at
37°C in a 5% CO2 incubator. This first flask mainly contained fibroblasts and myofibroblasts. The
non-adherent cells were then transferred into a second T-25 flask for 24 hours at 37°C in a 5% CO2
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incubator. This dish mainly contained myoblasts (confirmed by desmin staining, data not shown)
and was used for experiments in the following days.
5.7.1.5 Isolation of Fibroblasts from Skin Tissue
The isolation of skin fibroblasts from BALB/c mice was performed as follows: After euthanasia, the
mouse dorsal skin was shaved and sterilized using 70% ethanol, and a 2cm2 dorsal skin section was
resected. In a sterile environment, the skin was cut into small square sections (2mm2) and stored in
PBS. These samples were then placed into Petri dishes, where physical contact between the skin
samples and Petri dish surface were formed by positioning sterile glass coverslips over each sample.
The samples were then immersed in DMEM (High glucose, HyClone) containing 50% FBS (HyClone),
1% amphotericin B (Wisent), 2% pen/strep and 1% L-glutamine (Wisent). When fibroblast cells
migrated out of the skin (after 6-8 days), skin samples were then removed and the medium changed
to normal growth media (DMEM: 10% FBS, 1% amphotericin B, 1% pen/strep and 1% L-glutamine).
5.7.1.6 Plasmids and Transfection
D3 mESC were transfected with lamin A-GFP plasmids (a kind gift of Tom Rapoport, Harvard
University) using Lipofectamine 2000 (Invitrogen) according to manufacturer protocols.
Transfections were done 24 hours after cell passage, 24 hours prior to experiments.
5.7.1.7 Immunofluorescence
Staining for actin, microtubules (MTs) and DAPI was achieved following a previously reported
protocol 196. In brief, cells were first rinsed with warm PBS (Fischer) and fixed with a solution of 2%
sucrose and 3.5% paraformaldehyde (Fischer). They were permeabilized with warm 0.5% Triton X100 (Fischer). Samples were incubated with Phalloidin Alexa Fluor 546 (Invitrogen) to stain for actin.
MTs were stained on ice by first incubating with monoclonal (mouse) anti-α-tubulin (Sigma), then
with Alexa Fluor 488 conjugated rabbit anti-mouse immunoglobins (Invitrogen) for 15min with a
15min wash following each incubation. Lastly, nuclei were labelled by incubating with DAPI
(Invitrogen). Staining for lamin-A in mESC was achieved using a mouse anti-lamin-A (Abcam) primary
antibody.
5.7.1.8 Drug Treatments
In order to study the influence of the cytoskeleton on nuclear deformation, cells were treated with
either Cytochalasin-D (CytD) (10µM in DMSO, Sigma) or nocodazole (Noco) (10µM in DMSO, Sigma)
to specifically depolymerize actin or tubulin, respectively. Double-drug experiments, in which the
cells were treated with both of these drugs (NocoCytD) simultaneously, were also performed.
Appropriate amounts of each drug were added to the culture media 15min prior to the experiment
or, in the case of staining, 15min prior to fixing. In order to examine the role of chromatin
organization, cells were treated with trichostatin A (TSA, Sigma), a known histone deacetylase
inhibitor 418, 419. Cells were treated with 150ng/mL TSA solubilized in DMSO for 24 hours prior to
experimentation/imaging.
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5.7.1.9 Simultaneous Optical and Atomic Force Microscopy
AFM and high-speed LSCM were performed simultaneously by mounting the AFM (NanoWizard II,
JPK Instruments AG, Berlin, Germany) onto a Nikon TiE inverted microscope with a resonant scanner
A1-R confocal. A 60x, NA=1.2 water immersion objective was used for all experiments, and the
culture dish was kept at 37°C with a temperature-controlled stage. All AFM cantilevers had an
experimentally determined stiffness, k = 0.06 ± 0.01N/m (Veeco: MSCT-AUHW).
Tracking nuclear deformation entailed capturing images in a single plane (x-y) set in the middle
of the nucleus at a rate of 4 fps. Images were recorded through 5s of constant force application, as
well as 2.5s before extension of the AFM tip as control. During imaging, the AFM cantilever was
brought into contact with the cell surface, above the centre of the nucleus, and a constant force was
applied. Long-term nuclear deformation (15min) was recorded by performing simultaneous AFM
and 4D LSCM. Image volumes of the nucleus were recorded 1min prior to force application and once
every min for 15min thereafter. As before, the AFM cantilever was aligned over the centre of the
cell nucleus and used to apply a constant force of 10nN or 20nN for 15min while the structural
deformation of the nucleus was recorded.
Measurements of mESC Young’s moduli were made by recording force-curves measured over
the center of nuclei. The first 200nm of indentation was fit to the Hertz model for a conical tip 331 to
measure local Young’s modulus of the cell (PUNIAS Software) 332.
5.7.1.10 Image Analysis
Following AFM/LSCM experiments, raw image data was analysed using ImageJ 420 in order to
quantify the deformation of the nucleus. A small macro was generated in order to automate the
analysis. For long-term (15min) deformation analysis, maximum intensity projections of image
volumes of nuclei were acquired at each time point. Each resulting image was converted into a
corresponding binary mask, which allowed the border of the nucleus to be selected and the area
automatically determined at each time point. Simultaneously, each selection was fitted to an ellipse,
from which we obtained the lengths of the major and minor axes. The method for processing shortterm (5s) deformation was very similar but did not require a maximum intensity projection at each
time point. Typically, mESC transfected with lamin-A EGFP appeared as clusters of embryoid bodies,
and so the green fluorescent channel was used to fit the nuclear ellipse instead of the blue
fluorescent channel (Hoescht, DNA).
5.7.1.11 Statistical Tests and Fitting Data
All statistical analyses were performed using Origin 8.5. For all experiments, the response of cells
was averaged for each condition (untreated, CytD, Noco and NocoCytD) and for each force (0nN,
10nN and 20nN). In total ~75% of cells displayed behaviour consistent with the data presented. In a
minority of cases nuclei did not deform or move during the measurement and were excluded from
the analysis. All data presented are mean ± SEM. Statistical significance is considered for P-values
where P < 0.05, as determined by two-tailed student’s t-tests, unless noted otherwise.
Plateau strains in both the major and minor nuclear axes were obtained by fitting the timedependent strain data (see Fig. 5.1 A and B) to a viscoelastic Kelvin-Voigt model:
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where ε(t) is the time-dependent strain, εp represents the plateau strain observed in the long
duration elastic regime, and τ is the characteristic deformation time constant which is inversely
proportional to the deformation rate ( = τ-1). From the fits, we extracted εp, major and εp, minor for the
major and minor axis, respectively. Average R2 values were > 0.90 on average, indicating a good fit.
5.7.1.12 Characterization of Nuclear Shape Change
Change in nuclear shape was examined by measuring circularity (Circ) using a built-in shape
descriptor in ImageJ, measured as:

[5.S2]
A value of 1.0 represents a perfect circle, whereas values approaching zero signify an elliptical
shape.

5.7.2 Supplementary Tables
Table 5.S1 Nuclear strain is anisotropic in established and primary cells.
N

εp major (%)

εp minor (%)

α (εp major/εp minor)

Circularity (0nN)

NIH 3T3
HFF
CHO
MDCK
HeLa
C2C12
BALB/c fibro
D3 mESC

21
19
14
19
16
13
12
10

2.4 ± 0.3
3.1 ± 0.5
3.2 ± 0.4
2.1 ± 0.2
2.9 ± 0.3
2.2 ± 0.4
3.9 ± 0.6
5.6 ± 0.8

4.9 ± 0.6
4.3 ± 0.7
5.4 ± 0.5
4.5 ± 0.4
6.9 ± 0.8
4.6 ± 0.7
9.8 ± 1.6
8.0 ± 1.7

0.53 ± 0.06
0.77 ± 0.11
0.61 ± 0.06
0.48 ± 0.04
0.49 ± 0.06
0.53 ± 0.08
0.51 ± 0.10
0.80 ± 0.09

0.70 ± 0.02
0.54 ± 0.04
0.63 ± 0.02
0.57 ± 0.02
0.45 ± 0.03
0.58 ± 0.03
0.44 ± 0.03
0.52 ± 0.05

C57BL/10 myob
Dmdmdx myob

7
8

3.5 ± 0.4
5.6 ± 1.0

6.4 ± 0.6
6.5 ± 0.8

0.57 ± 0.06
0.92 ± 0.18

0.63 ± 0.07
0.46 ± 0.04

Mean plateau strains (ɛp) in the minor axis were significantly greater than the major axis for all cell
types (P < 0.05, paired t-test), except for mESC (P = 0.11) and Dmd myoblasts (P = 0.42). Population
means of anisotropic ratios (α) are significantly different, but variances are not (using one-way
ANOVA with Tukey and Levene’s test with P < 0.05). Values shown are mean ± SEM.
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Table 5.S2 The cytoskeleton dictates nuclear strain but not anisotropy.
NIH 3T3

N

Untreated
Noco
Cytd
NocoCytd

21
16
19
21

εp major (%)
2.40 ± 0.27
4.15 ± 0.57*
9.82 ± 1.45*
8.59 ± 0.96*

εp minor (%)
4.93 ± 0.55
5.02 ± 0.53
15.21 ± 2.02*
20.29 ± 2.75*

(εp major/εp minor)

 major (s-1)

0.53 ± 0.06
0.88 ± 0.14*
0.71 ± 0.10
0.68 ± 0.14

3.8 ± 2.8
2.7 ± 2.3
4.3 ± 3.7
4.0 ± 3.1

 minor (s-1)
3.3 ± 1.3
4.4 ± 2.6
5.7 ± 4.4*
5.3 ± 3.9*

Using equation [5.S1], we determined the plateau strain (p) for the major and minor nuclear axes
respectively. In all cases, p, minor was significantly greater than p, major. There was a significant
increase in p, major for cells treated with Noco, and both, p, major and p, minor, for CytD and NocoCytD,
in comparison to untreated cells (denoted by *). An anisotropy parameter (= p, major/p, minor)
demonstrates < 1 on average, indicative of anisotropic nuclear expansion. Loss of MTs resulted in
a significant decrease in anisotropy in comparison to untreated cells. Characteristic deformation
rate constants ( (s-1)) were significantly increased in the minor axis with the loss of an intact actin
network. (* indicates P < 0.05 significance with t-test). Values shown are mean ± SEM.

5.7.3 Supplementary Figures

Figure 5.S1 Expansion is evident in the mid-plane of nuclei following loading.
A) Transmitted light image of 3T3 nuclei during a 10nN load, applied by AFM. Blue = DNA. The nucleus does
not move out of the imaging plane due to mechanical loading, see Vid. 5.S1 and image overlays of 0nN (red)
and 10nN (green) following B) 0.25s, and C) 5s of force. Movement of small sub-nuclear components occurs
following nuclear expansion; however large nucleoli (arrows) remain stationary during the applied stress,
indicating no substantial out-of-plane motion. Scale bar is 10μm.
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Figure 5.S2 The AFM tip is pyramidal with a square base.
To ensure that the orientation of the tip with respect to nuclear orientation had no influence on the observed
, we calculated the angle the long nuclear axis formed with the long axis of the AFM cantilever (n=16 cells).
Nuclei were always randomly oriented between 0-90 degrees in all experiments, and no effort was made to
choose cells oriented in a particular fashion. The orientation of the nucleus had no clear influence on the
observed anisotropy as revealed in the plot of versus orientation angle.

Figure 5.S3 Nuclear anisotropy is observed over long-term deformations.
A) Projected nuclear area following 15min of 10nN (white circle) and 20nN loads (black triangle). Nuclear
expansion is clearly dependent on force magnitude (P < 0.001). Projected area increased by 7.2 ± 1.6% and
14.1 ± 2.1% following 15min of a 10nN (n=12) and 20nN (n=11) constant force, respectively. Plots of forcedependent strain: along the B) major axis and C) minor nuclear axis as a function of time. Cells experienced
highly anisotropic nuclear strains of εmajor = 1.6 ± 0.7% versus εminor = 5.6 ± 1.5% when exposed to 10nN, and
larger strains of εmajor = 2.6 ± 1.1% versus εminor = 11.3 ± 2.0% when exposed to 20nN. After 15min, anisotropic
strain ratios were α = 0.48 ± 0.20 for 10nN and α = 0.3 ± 0. 04 for a 20nN applied force (P > 0.350, using t-test).
Change in area and strain are dependent on the magnitude of the force applied, however, α is not. Error bars
are SEM.

111

Figure 5.S4 Circularity increases following loading.
Percentage change in circularity following a 10nN load is shown. Treatment with CytD (blue) and NocoCytD
(green) resulted in significantly increased change in circularity following loading, in comparison to untreated
3T3s (black), however Noco (red) was unchanged, as measured by [5.S2]. (*) Indicates significance (P < 0.05)
with two sample t-test. Error bars are SEM.

Figure 5.S5 Immunofluorescent images of D3 mESC demonstrate their lack of lamin-A.
D3 stem cells were stained for DNA (blue), lamin-A EGFP (green), and actin (red). Only a very faint fluorescent
signal is observed for lamin-A in mESC. Scale bar is 25μm.
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Figure 5.S6 Actin influences the characteristic deformation time constant.

Distribution of deformation time constants ((s-1)) for untreated (black), and treated cells: Noco
(red), CytD (blue) and NocoCytD (green), as determined by fits of the strain data to equation [5.S1].
Characteristic relaxation time constants (untreated: major ≈ minor ≈ 4s-1) display a significant amount
of variance: 0.7-18s-1. No significant dependence was observed between major and minor axes (P >
0.3); however there was a dependence on drug treatment in the minor axis for cells treated with
CytD or a combination of NocoCytD (P < 0.05). Loss of an intact actin network resulted in a
decreased deformation rate in the minor axis, from minor ≈ 0.3s (untreated) to minor ≈ 0.2s for cells
treated with CytD (P < 0.02) and NocoCytD (P < 0.03).

5.7.4 Supplementary Videos

Video 5.S1 Nuclear expansion occurs anisotropically in its mid-plane.
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6 | Future directions
The manuscripts presented in preceding chapters of this thesis have demonstrated a need for an
appropriate model to describe the observed cellular behaviours in vitro. In particular, a rheological
model that accounts for both the deformation and recovery behaviour of cells will greatly benefit
our understanding of cellular mechanics. In our previous work 335, 421, similarly to others 44, 280, 283-285,
we attempted to use simple mechanical models to describe the deformation behaviour of cells and
their nuclei (Chapters 2-5). These simple models were deemed useful for demonstrating viscoelastic
creeping behaviour of the membrane, cortex, and nucleus and for comparing relative mechanical
parameters (elastic moduli and viscosity). However, more complex models will be necessary to fully
describe cellular behaviours following external perturbations. Finite element (FE) modelling, in
particular may be useful for the eventual development of complex continuum models of the cell.
FE modelling has become increasingly popular for the study of single cells 283, 422-428. While early
FE models treated the cell as highly over-simplified structures, more recent AFM and confocal-based
models of single cells have emerged. The benefit of in situ modelling is that a variety of mechanical
loads can be simulated to reveal intracellular stresses and strains, which will be necessary for a
complete understanding of mechanosensing and mechanotransduction processes. For example,
strains resulting from static and cyclic stretching 426, cell compression 283, 423, 424, micropipette
aspiration 427, shear flow 422, cellular prestress428, and hydrostatic pressure421 have all been
measured. However, the majority of FE models to date have employed over-simplified assumptions,
such as the use of small strain theories, or incorporation of only a limited number of intracellular
organelles to model the cell.
FE modelling presents its own set of challenges. Representing cell shape, for example, becomes
extremely difficult with increasing complexity of the model. While it might be relatively simple to
capture strains on the larger outer membrane (micron scale), it is challenging to couple these
deformations to much smaller (nanometre scale) inner components, such as organelles, and
cytoskeletal networks of filaments. Although recent models have incorporated large deformation
theories and some main cellular components (i.e. the membrane, nucleus, cytoskeleton, and
cytosol) 427, they remain highly simplified in nature and do not accurately represent the cell.
Moreover, constitutive modelling of mechanical interactions between cellular components poses a
serious challenge. Elements of the cell are typically represented as having simple elastic, and
isotropic material properties – which we 422, and others have shown 44, 280, 283-285, are not a valid
representation of the cell. Some have attempted to employ viscoelastic elements423, but using
simplified geometry as a trade-off in order to alleviate computational costs.
In light of these advances, and stemming from our work presented in this thesis, we
recommend that future work should include a confocal-based finite element model of single cells.
We propose that the FE model should employ a reverse-engineering approach to determine bulk
rheological properties of the cell. These properties can be validated using rigorous analysis of AFM
force-curves, as in reference 176. Initial work towards this effort has commenced, with the studies
presented in this thesis acting as a catalyst. Considering the complexity in modelling the small
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volume (~2-3μm3) pyramidal AFM tip, we have already employed a modified tip to perform
compressive force experiments, as was done in Chapters 2-4. In particular, a spherical indenter
(10μm) has been employed to provide a more even distribution of compressive stress over a larger
surface area of the membrane, which is clearly visible and easier to model (Fig. 6.1 A). Preliminary
Matlab models (programmed by Corinne Gullekson, a PhD candidate in the Pelling lab) and
simulations based on confocal volumes of compressed cells are already underway, and have begun
to demonstrate regions of high local stresses on the membrane (Fig. 6.1 B,C).

Figure 6.1 Proposed FE model to determine bulk cellular mechanical properties.
A) Confocal maximum z-projection of a HeLa cell deformed by a spherical indenter. Orthogonal image
demonstrates the compressive strain in the membrane resulting from 10min of a 10nN force applied using a
spherical indentor. Polystyrene beads (10μm, Fluka Sigma-Aldridge) were glued to an AFM cantilever (PNP-TR50, Nanoworld) using a UV-curing optical adhesive (Norland) as in the JPK technical notes (found at
http://www.jpk.com/afm.230.en.html). Green - membrane, red – actin, blue – DNA. Scale bars are 10μm. B)
Matlab model generated from outline of fluorescent membrane of cell in (A) displaying the mean strain in
constant strain triangle elements. C) Interpolated strain across elements in (B). Colour scale shows strain
values (2 = 200%). A representation of the bead is shown (blue overlaid sphere) for demonstration purposes in
(B) and (C).

This thesis has demonstrated two important, widespread, cellular response mechanisms:
cellular shape recovery, and anisotropic deformations of the nucleus, that both occur in response to
directed mechanical loads. In particular, cells were shown to possess an innate ability to recover
their shape following mechanical loading, a response dominated by an interplay between
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cytoskeletal and cytosolic components. This work stimulates future work surrounding how the actin
cortex, membrane, and osmotic pressure coordinate to produce a concerted response during
deformation and cell-shape recovery processes. While actomyosin contractility appears to be a key
player in cell shape regulation, it is still unknown how it integrates with the flow of cytosol in the
recovery process. Moreover, while we did not observe large volume changes during the
deformation/recovery responses, it is possible that mechanical loading stimulates an increased
exchange of fluid cytosol or ions across the membrane 354. This exchange could stimulate a change
in osmolarity or small changes in volume – that might be relieved by membrane tension 263 or
cytoskeletal remodelling of the cortex 362; avenues which should be actively explored in the future.
While the actin cortex was shown to be necessary for resistance-to and recovery-from
deformations 335, microtubules appear to have a much smaller role in structurally supporting the cell
147
, at least for HeLa cells. However, microtubules do appear to influence force transmission to the
nucleus. Importantly, we characterized a clear nuclear anisotropy, apparent across many cell types.
This led to questions surrounding its purpose - perhaps nuclear anisotropy directs gene regulation
during embryonic development and morphogenesis? Considering their large role in mitosis, and the
fact that undifferentiated nuclei produced less anisotropic deformations (see Chapter 5), perhaps
microtubules contribute to the development of an intrinsic anisotropy – a characteristic that may
increase during differentiation. Furthermore, a range of nuclear anisotropy was observed across cell
types, suggesting that differences in nuclear organization should be examined.
This work importantly demonstrates that the cell and its components should not be
represented by homogeneous, isotropic material properties, and that there is a clear need for an allencompassing rheological model of the cell. Future FE models may be required to develop these
complex models which should include dynamic interactions between cellular components.
Moreover, this body of work has also demonstrated the need to examine differences in shape
regulation between cell types. This work has evoked a number of questions for future research.
Understanding these mechanical response mechanisms are important since, as mentioned
throughout this thesis, mechanical cues have been shown to direct normal cellular processes 244, 246,
including gene expression 126, 371. Characterization of changes in cellular deformations, or bulk
rheological properties of cells will undoubtedly play a crucial role in understanding the etiologic
factors and pathogenesis of diseased states of the cell.
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7 | Technical notes
7. 1 Cell culture & transfection protocols
7.1.1 Mammalian cell culture
1. Except where noted, all cells were cultured in 100ml dishes (Corning) at 37°C and 5% CO2 in
Dulbeco’s Modified Eagle Medium (DMEM) with added 10% heat inactivated fetal bovine
serum (FBS) and 1% penicillin (100 IU/mL) streptomycin (100 1g/mL) (Hyclone).
2. Once cells reached ~70% confluency, they were passaged and seeded onto 35mm glass bottom
dishes (Mat Tek or laser-cut TPP plates affixed with 1.5 round glass coverslips) for two days, or
until ~60% confluent.

7.1.2 Transient transfection of a plasma membrane and actin
Transfections were performed a day after seeding cells, and a day before combined AFM-LSCM
experiments. Here, plasmids for the plekstrin homology (PH) domain of phospholipase C (PLC-δ)
conjugated to an enhanced green fluorescent protein (EGFP) (PH-PLCδ-EGFP) and LifeAct-Ruby were
used for transfections and have been described earlier by Pelling 196 and Hemsley 429. The
concentration and incubation period of the transfection reagents and plasmid solutions were
adjusted for HeLa cells, and must be optimized if different cell types are to be employed.
1. Lipofectamine 2000 (LF2K) (Invitrogen) is first diluted in OptiMEM (Invitrogen); 2μl of LF2K in
48μL of OptiMEM, resulting in a 50μl solution.
2. Approximately 1μg of plasmid DNA each (both PH-PLC-δ-EGFP and LifeAct-Ruby) is diluted in a
separate, but equivalent volume of OptiMEM.
3. Following 5 minutes, the LF2K solution is added to the plasmid DNA solution. Pipette up and
down to mix gently, but thoroughly. This results in an OptiMEM solution containing a 1:1 ratio
of LF2K-DNA.
4. Incubate the mixture in the hood at room temperature for 10 minutes. In the meantime,
remove culture media from the glass bottom dishes and replace with 1ml of OptiMEM. Return
the dishes to the incubator until the 10 minutes have passed.
5. Add the transfection mixture to the cells. Rock back and forth gently before returning to the
incubator (37°C and 5% CO2) for 20-30 minutes. Place culture media in the water bath at 37°C.
6. Remove transfection mixture completely by carefully suctioning it out with a glass pipette. Add
2ml of warmed culture media to the dishes.
7. Leave transfected cells overnight in the incubator.

7.2 AFM calibration
1. A silicon nitride cantilever (Pnp-tr-50, NanoWorld) is placed on the quartz head using a small
amount of vacuum grease. The quartz head is then secured into place on the Nanowizard II (JPK
Instruments) AFM head.
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2. Using the JPK-SPM software’s user interface, the AFM is retracted ~1000μm, in order to ensure
it will not touch the sample surface (a glass slide for calibration). The AFM head is then
positioned over the sample on an AFM stage (JPK Instruments), which sits on an inverted Nikon
TiE A1-R high speed resonant laser scanning confocal microscope.
3. Using a separate camera connected to the microscope and the 10x objective, the triangular
AFM cantilever is brought into focus. The dichroic mirror is used to view the AFM laser and
position it at the end of the cantilever where the pyramidal tip is located.
4. After adjusting the laser mirrors (on the AFM head) and appropriate feedback gains using the
JPK-SPM software, the cantilever is lowered towards the sample with a set-point of 1V.
5. Once the cantilever has approached and contacted the glass slide (Fig. 7.2 A), forcedisplacement curves are recorded with a low set-point voltage of 0.4V. Force curves are
acquired continuously at 1Hz and a sampling rate of 512Hz.
6. Calibration of the cantilever’s sensitivity is achieved by fitting the linear portion of the retract
portion of the approach-retract curve (Fig. 7.2 B), thus resulting in a sensitivity of
approximately 35-40mN/V.
7. Once the sensitivity has been selected, the cantilever is retracted away from the sample
surface (~50μm) and the thermal fluctuation method is used to extract the cantilever stiffness
330
.
8. The JPK-SPM software allows for an easy fit of the first resonant peak of the cantilever to a
Lorentzian curve (Fig. 7.2 C), resulting in a spring constant of ~70mN/m, for these Pnp-tr-50
cantilevers (NanoWorld).
9. The cantilever is retracted far from the sample surface and the cantilever’s sensitivity is now recalibrated in distilled water (dH2O) by first de-selecting the sensitivity previously acquired and
completely removing the AFM head. Approximately 2ml of dH2O was warmed in a separate
glass bottom dish using a petri dish heater (JPK instruments).
10. A small drop of dimethyl sulfoxide (DMSO) was added to the tip of the cantilever before
returning the AFM head above the sample. This step is performed in order to reduce the
likelihood of bubbles attaching to the tip upon contact with the dH2O. Be careful not to touch
the cantilever. Absorb any excess DMSO with a Kimwipe.
11. Once the tip is in the liquid, the mirror inside the AFM head must be re-adjusted to account for
the change in refractive index. The laser is re-aligned prior to approaching the bottom of the
dish.
12. The cantilever is again set to approach the glass bottom surface of the dish and a new
sensitivity is found for the cantilever in dH2O, as in step 6. The sensitivity in distilled water is
~30-35mN/V.
Once the AFM tip has been calibrated in air and water, you are ready to perform an AFM
experiment with cells in culture media. Do not to let the AFM cantilever dry before starting your
experiment. It can be left in the distilled water at 37°C until the sample is ready.
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Figure 7.1 Calibration of the AFM cantilever on a hard glass substrate.
A) As the cantilever approaches the glass substrate (1) it nears the substrate and experiences a “jump to
contact” (2), followed by a linear increase of cantilever deflection as the voltage increases until it reaches the
voltage setpoint (3). B) An example of an approach/retract curve corresponding to the deflections seen in (A).
The sensitivity is measured from the slope of the linear portion of contact between the cantilever tip and
sample surface. C) Example of a thermal noise power spectrum, used with the thermal fluctuation method to
determine the stiffness of the cantilever. This involves measurement of the frequency dependence of the
thermal fluctuations of the cantilever. A Lorentz fit (of the first peak) is used to determine the energy
associated with the resonance (areas under the curve). By the equipartition thereom, the energy of the free
modes of this system (treated as a harmonic oscillator) are equal to ⁄
, where
is Boltzmann’s
constant. Therefore, assuming only one degree of freedom we have a relation between the energy and mean⁄ 〈 〉, where
squared vertical fluctuations of the cantilever: ⁄
(mean-squared vertical
fluctuations) in the time domain can be represented by the power (P) in the frequency domain. This leads to
⁄ , where P is measured as the area under the curve of the Lorentzian.
the relation:
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7.3 Combined AFM and LSCM
1. Immediately before performing the experiment, 1μg/ml of Hoescht 33342 (Invitrogen) (a
known nuclear dye) is added to the transfected cells. Leave in the incubator at 37°C for 5-10
minutes. Following incubation, change the media before bringing the dish to the AFM-LSCM
setup (Fig. 7.3 A).
2. Remove the AFM head and the dish with distilled water from the heater. Switch objectives
from the 10x to the 60x/NA=1.2 water immersion objective lens.
3. Once the sample is placed into focus using the eyepiece, the AFM head is returned above the
sample and the tip is set to approach the sample surface at a relatively low force of ~3-5nN.
4. Once the AFM cantilever is in contact with the surface, the tip is retracted by at least 50μm.
This allows one to move the sample dish around without damaging the tip.
5. The LSCM is set to resonant mode and the appropriate filter blocks set. The 405nm laser is used
excite the nuclear dye Hoescht 33342, while the 488nm and 546nm laser lines are used to
excite the fluorescence of the PH-PLC-δ-EGFP (plasma membrane) and LifeAct-Ruby (actin
cortex), respectively. The transmitted light detector is set to the “in” position in order to
visualize the AFM tip in a pseudo-DIC image acquisition format.
6. A cell is chosen and the tip is moved either above or adjacent to the nucleus (Fig. 7.3 B). A
digital zoom of 4 is used to clearly observe the fine adjustments of the AFM tip.
7. LSCM images can then be captured as a single plane time lapse or volume images (Fig. 7.3 C).
First, the z-position of the scanner must be calibrated, and the thickness of each imaging plane
is set to 0.5μm.
LSCM volume images can be adjusted to capture higher resolution orthogonal projections by
decreasing the step-size. Scanning in resonant mode allows for rapid acquisition of images, up to 15
fps (four channels with 512 x 512 pixel resolution). Higher imaging rates (up >30 fps) can be
obtained with smaller imaging regions.
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Figure 7.2 AFM/LSCM experimental setup.
A) Depiction of combined AFM/LSCM. A 60x water immersion objective is used to simulatneously image
transiently transfected cells while applying precise nano-scale forces to cells using an AFM tip. Using built-in
feedback mechanisms, reflection of a laser onto a photo-sensitive diode (PSD) indicates the amount of
bending of the cantilever as it approaches the sample, thus allowing for precise control of force magnitude. B)
Depiction of nano-scale forces applied above the nucleus and surrounding cytoplasm. The figure
demonstrates how the deformation (d), and initial cell height (h o) are measured from orthogonal planes as
seen in (C), in order to approximate axial strain as ε=d/h o for both on-nucleus and off-nucleus loading. C)
Confocal image of a HeLa cell prior to and following 10 minutes of deformation. Here, a 10nN force was
applied to the cell above the nucleus, as visualized by the nuclear dye Hoescht 33342 (blue). By transiently
transfecting cells with PH-PLC-δ-EGFP (green) the membrane, and its deformation, are readily observed. The
deformation is directly observable by projecting the LSCM volume image in orthogonal planes (only YZ
shown). Scale bars = 5μm.

7.4 Measuring cellular stiffness using AFM
7.4.1 AFM force-curves
Here, we describe the method for determining Youngs’ modulus (E) of cells using AFM.
1. The AFM tip is positioned over the nucleus of the cell (observable by the nuclear dye Hoescht)
(Fig. 7.3 A).
2. The cantilever is set to approach the cell with a low set-point force of 2nN.
3. After initial contact with the cell membrane, the tip repeatedly retracts and approaches the cell
at a set frequency (10μm/s or less) with a relative set-point of 1nN at a sample rate of 512Hz.
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4. The approach-retract curves are saved and used for analysis following repetitive measurements
either on- or adjacent-to the cell’s nucleus. An example curve can be found in Fig. 7.3 B).
5. Using Punias software 430, the first 200nm of indentation of the approach portion of the curve is
fit to the Sneddon model 160, a modification of the Hertz model 431, by careful selection of the
contact point between the tip and sample. The Poisson’s ratio is set to 0.5 here, which is
commonly used for biological samples (see the next section, 7.4.2).

Figure 7.3 Measuring force-indentation curves.
A) Schematic of AFM tip deforming a cell (approach portion of the force-curve). The indentation of the
sample, d, is related to the measured deflection of the cantilever (x) and cell height (z), by d=z-x. Where the
deflection of the cantilever is related to the stiffness, k, of the cantilever, and force applied, by Hooke’s law
(F=kx). For fitting of the Hertz model, the opening angle of the tip must be known. Here α is shown for a
conical tip (a simplification of a pyramidial tip) – α=35° for the tips used here. B) Example force-curve (JPK
SPM software). Figure shows approach and retract portions of the force curve. Fit (light green line) of the first
200nm of indentation to the modified Hertz model (for a conical indentor) is highlighted in grey.

7.4.2 Fitting force-curves to the modified Hertz model
One of the most frequently investigated material properties of cells is its Young’s (or elastic)
modulus. The elastic modulus is important as it gives us an idea of the cell’s stiffness, which is
largely known to be influenced by the cytoskeletal network. This property is well known to be cell
type dependent, and has been shown to range between 100’s-1000’s of Pa. Here, the AFM was
employed to measure the elastic modulus of HeLa cells for all treated and untreated populations
used in the experiments. Employing the nuclear dye Hoescht 33342 allowed us to position the AFM
tip either above the center of the cell’s nucleus, or in adjacent cytoplasmic regions. Forceindentation curves were obtained by first approaching the tip towards the cell with a low set-point
of 2nN, followed by oscillations of the tip with a relative set-point of 1nN at a rate of 10μm/s. The
first 200nm of the force-indentation curves were then fit to the modified Hertz contact model 331
using Punias software 430. Herein, the Hertz model for a conical indenter was used as an
approximation and has the general form:
[7.1]
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Where F is the applied force (1nN), E is the Young’s modulus (determined by the fit), a Poisson’s
ratio of
is used, and
is the indentation of the tip within the sample. The indentation ( )
is calculated by subtracting the cantilever deflection (x) from the measured cell height (z):

Where x is related to the applied force (F) via Hookes’ law:
[7.2]
The spring constant, k, was determined by calibrating the AFM cantilever by the thermal fluctuation
method (k = 0.07 ± 0.03N/m) 330.
The semi-opening angle of the cone is:
[7.3]
Where

is approximated by the cantilever manufacturer’s (Veeco) reported opening angle of 35°.

7.5 Image and statistical analysis
Open source software, ImageJ (http://rsbweb.nih.gov/ij/), was used for all image analysis. Origin
data analysis and graphing software (v.7, v.8.3, and v.9.1) were used (http://www.originlab.com/)
for all graphing and statistics throughout this thesis.
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8 | Conclusions
The influence of mechanical cues in directing central cellular processes is undeniable. However,
many questions still surround the mechanics involved in the translation of physical cues to a
cascade of biochemical responses (discussed in Chapter 1). In this light, this compendium of
experimental work has demonstrated a systematic characterization of cellular mechanics, which is
crucial for our understanding of mechanotranduction. We have focused our examination on the
deformation behaviour of major cellular components, namely the plasma membrane, its underlying
cortex, and the nucleus. By employing combined AFM-LSCM techniques in a variety of ways, we
were able to examine the cellular response to directed forces. Visual imaging techniques were used
to examine the dynamics involved, while various treatments aided in the identification of key
cellular players, while attempting to explain the mechanics using models.
In an initial study (Chapter 2) we revealed that the membrane and cortex of a human cervical
cancer cell line (HeLa cells) are highly resilient, and can withstand large magnitude local forces.
Importantly, the majority of these cells were shown to deform and recover without permanent
damage or membrane rupture. The cytoskeleton, particularly the cortical actin network, was found
to be predominantly responsible for resistance to these external forces. Microtubules, on the other
hand, were not important despite previous views of these filaments as compression-resistant
(Chapter 3). Contrary to previous reports, we demonstrated that the large-volume nucleus of HeLa
cells are in fact soft, and surprisingly do not significantly contribute to the recovery mechanics of
these cells.
While many studies have focused on the deformation mechanics of a variety of cells, only a
limited number have attempted to characterize cell shape recovery processes. To address this gap
in knowledge, we characterized cell shape recovery through examination of recovery time constants
of both the membrane and underlying cortex (Chapter 4). We demonstrated that the coupled
membrane and cortex deform and recover simultaneously - a response determined to depend
mainly on actomyosin contractility and osmotic pressure. By examining several other epithelial cell
lines, we also demonstrated that the ability to recover cell-shape is likely a pervasive process. We
noted, however, that the response time varied drastically between cells, a difference that must be
fully addressed in future studies.
The final focus of this thesis revealed important nuclear mechanical properties (Chapter 5). As
gene regulator and host, the nucleus and its mechanical properties are of high interest to the
biophysical community. Previous notions of the nucleus as a simplified isotropic mechanical
component have recently been challenged by observations of anisotropic behaviours in response to
mechanical forces. We explore this mechanical anisotropy, and demonstrate that elliptical nuclei
deform preferentially along their short axis in response to a compressive local force. Importantly,
nuclear anisotropy was observed in a variety of cells from established and primary cultures. While
the reason behind this behaviour remains unknown, we have demonstrated that while the
cytoskeleton does influence anisotropy, it is an intrinsic nuclear characteristic. Chromatin
organization was revealed as a potential regulator of this behaviour, while well-known structural
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components, lamins, were not. This study suggests that future investigations should avoid treating
the nucleus as a simple isotropic component, as nuclear anisotropy appears to be a widespread
cellular phenomenon.
Overall, this work reveals two seemingly ubiquitous cellular reactions that occur in response to
directed mechanical cues: anisotropic nuclear deformations, and the ability to recover cell shape.
Although a simplification of the true nature of the cell, viscoelastic models were reasonably used to
characterize these responses and identify key cellular players involved. This work stimulates many
more questions for future exploration: How does the actomyosin network integrate with the flow of
cytosol in the recovery process? Why do cells of the same type, but from various species, respond at
varying rates? What is the purpose of nuclear anisotropy? Does it play a role in gene regulation
during embryonic development and morphogenesis? Moreover, there is still a need for an allencompassing rheological model of the cell. This study provides the foundation for future finite
element based models, which will be necessary for characterization of complex mechanical
properties (as discussed in Chapter 6). Highlighting the response to mechanical forces, as well as
identifying cellular mechanical properties are critical and have already proven beneficial for the
identification of healthy and diseased cells.
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